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ABSTRACT
Pastures produce hay for livestock, and they conserve soil, water, and air resources.
However, high nitrogen (N) fertilizer demands in pasture production have significant implication
on greenhouse gas emission and environmental pollution. Appropriate forage management
strategies can reduce environmental N loss and improve soil health, to enhance the long-term
pasture productivity. Therefore, this study was carried out to investigate the effects of
management strategies on N budgets and soil health parameters in subtropical pastures. Both
field and laboratory experiments were conducted to evaluate the effects of N stabilizers including
urease inhibitor and nitrification inhibitor on pasture yield, greenhouse gas emission, and N loss
through runoff and leaching water. For soil health assessment, management practices including
the use of N stabilizers, with or without tillage, and change of vegetation species were evaluated
for their effects on soil aggregate stability and microbial community structure. In addition, the
characteristics of soil organic C (SOC) within different size-classed aggregates were
characterized to investigate the relationships between aggregates formation and the change of
managements. Results showed that N nitrification inhibitors dicyandiamide (DCD) and 3,4dimethyl pyrazole phosphate (DMPP) significantly reduced nitrous oxide (N2O) emissions with
urea and legume residues application, while urease inhibitor thiophosphoric triamide (NBPT) did
not reduce N2O with legume residue and poultry litter application. DCD and DMPP also reduced
nitrate-N loss through runoff and leaching water and improved total microbial biomass with urea
application. Growing white clover (Trifolium repens) as winter cover crops covered a part of the
N demands of bermudagrass (Cynodon dactylon L.), reduced N loss through runoff water, and
increased soil aggregate stability and total microbial biomass under no-till condition. Analysis of
Fourier transform infrared (FTIR) Spectroscopy revealed that the components of SOC were
v

heterogeneously distributed in different size aggregate fractions, and the chemical characteristics
of SOC were influenced by agroecosystem vegetation types and tillage practices. Overall, this
study demonstrated the positive effects of N stabilizers and legume forage species on N budgets
and soil health parameters.
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CHAPTER 1. GENERAL INTRODUCTION
1.1. Background information
Pastureland is land devoted to hay production, animal grazing, or both (Allen et al.,
2011). These lands provide forage for domestic livestock such as beef cattle, dairy cattle, sheep,
and goats. The area of pasturelands accounts for 48.5 million ha in the USA, which constitutes
more than two-thirds of all agricultural land (Sanderson et al., 2012). In the subtropical
southeastern U.S., forage production accounts for 40% of total U.S. production, where the
vegetations involve more warm-season than cool-season species (USDA-NASS, 2018). The roles
of pasture include feeding livestock as well as providing ecosystem services such as conserving
soil, water, and air resources (Franzluebbers et al., 2014; Alvez et al., 2014). Management
strategies are critical for keeping a highly productive and sustainable pasture system. These
strategies include, but are not limited to, defining the most productive and economical vegetation
species and varieties, enhancing the use efficiency of mineral fertilizer or animal manure, and
maintaining soil health properties (Vendramini and Moriel, 2019).
Forage hay production requires a huge amount of fertilization, since yielding hay
removes large amounts of nutrients. Pasture is commonly fertilized with nitrogen (N),
phosphorus (P), potassium (K) and sulfur (S) (Redfearn et al., 2016). Among them, N is the most
important essential macronutrient for plant growth, and its input is directly related to the quantity
and crude protein contents of grasses’ biomass (Massey et al., 2011; Hansen et al., 2019).
However, low use efficiency of fertilizer N (NUE) is a limiting factor for efficient hay
production and environmental conservation. The world average NUE is as low as 35%, where
most of the applied N fertilizer is not utilized by crops but lost to the environment (Omara et al.,
1

2019). The lost N not only affects agroeconomic profit but also has been associated with air and
water pollutions (Sharma et al., 2017). Nitrogen gas volatilized as ammonia (NH3) can serve as a
precursor of PM2.5 (Baker and Scheff, 2007; Olszyna et al., 2005), while N gas emitted as
nitrous oxide (N2O) is a potent greenhouse gas (Choi and Moore, 2008; Cabrera et al., 1994).
High concentrations of ammonium (NH4+) and nitrate (NO3-) in runoff and leaching water
contributes to eutrophication of water body (Rabalais et al., 2002). One proposed strategy to
reduce fertilizer N loss is to apply N stabilizers (Di and Cameron, 2006; Halvorson et al., 2014).
N stabilizers such as urease inhibitors and nitrification inhibitors can maintain N in a stable form
and keep it available to plants for a longer period (Abalos et al., 2014; Halvorson et al., 2014).
Urease inhibitor N-(n-butyl) thiophosphoric (NBPT) has the potential to lower ammonia
volatilization by delaying the formation of NH3/ NH4+ (Cantarella et al., 2018). Nitrification
inhibitors like dicyandiamide (DCD) and 3, 4-dimethylpyrazole phosphate (DMPP) slow down
the formation of nitrite (NO2-)/ NO3-, thus reducing N loss as NO3- in water and N2O in air
(Zerulla et al., 2001). Besides N stabilizers, inclusion of leguminous plants in pasture systems
has the potential to lower mineral N fertilizer input, thus the legume/grass system may mitigate
environmental problems by providing a better synchronization between bio-fixed N
mineralization and the N demands of grass (McCurdy et al., 2013; Kuo and Jellum, 2002;
Hauggaard-Nielsen et al., 2012).
For a sustainable pasture system, soil health management is important for the goal of
long-term productivity and minimizing environmental impacts (van Es and Karlen, 2019;
Bünemann et al., 2018). From physical, chemical, and biological aspects, soil health parameters
can reflect the functions of an agroecosystem, and these parameters are sensitive to the change of
field management (Doran and Parkin, 1994; van Es and Karlen, 2019). Soil aggregates, as the
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building block of soil structure, is a physical indicator of soil health, which influences water
infiltration, root growth, water and wind erosion (USDA-NRCS, 2008). Soil aggregate stability
generally gets enforced when the proportion of large to small stable aggregates increases
(USDA-NRCS, 2008), and the size distribution dynamically interact with various other soil
health parameters, such as soil organic carbon (SOC) and microbial community structure
(Blanco-Canqui and Lal, 2004; Bronick and Lal, 2005). Soil aggregate stability varies among
different agroecosystems which had different vegetation-derived C input, soil microbial activities
and soil disturbance from managements (Garcia et al., 2013; Li et al., 2007; Liu et al., 2014;
Martens, 2000). For example, land use changes as switching vegetation species influence the
characteristics of SOC input, thus influencing soil C sequestration and aggregates stability (von
Lützow et al., 2007; Li et al., 2007; Liu et al., 2014). Incorporation of legumes into grass systems
increased biodiversity, sequestration of C, and total microbial biomass (McDaniel, et al., 2014).
On the other hand, tillage disturbs the soil structure, although it may temporally increase yield
through enhancing soil mineralization (Unger and Cassel, 1991; Whittington et al., 2007), longterm productivity can be reduced because of the damage on soil aggregate stability and soil
organic matter content (Paul et al., 2013, Gicheru et al., 2004; Peixoto et al., 2006).
Consequently, monitoring soil aggregate distribution, SOC, and microbial communities in an
agroecosystem would enable a better management of soil health and achieve sustainable
production.
Although various studies have been conducted in the past, there have been very limited
investigations to evaluate these different management strategies on pasture lands especially from
both the agronomic productivity and environmental consequence perspective, in the regions with
unique climatic conditions of hot and humid. Besides traditional pastures, there is also

3

increasing interest of land use change to biofuel biomass production systems from pastures. How
these changes impact soil health parameters are yet to be well understood. Understanding the
impacts of these management strategies and agroecosystem changes is essential for future
sustainable pasture production while maintaining soil quality.
1.2. Objectives
The overall goal of this dissertation was to evaluate the effects of various management
practices on N budgets and soil health parameters in subtropical pastures. The specific objectives
were: (1) to quantify N loss through different pathways when applying different types of N
source including urea, legume bio-fixed N, and animal wastes; (2) to evaluate the effects of N
stabilizers on mitigation of N loss from different types of N source including urea, legume biofixed N, and animal wastes; (3) to assess soil health parameters when various management
practices were performed in pasture, including N stabilizers, mixture of legume/grass
vegetations, and tillage; (4) to understand the interactions between soil aggregates stability and
SOC characteristics under different land use with vegetations for biofuel production systems.
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CHAPTER 2. LITERATURE REVIEW
2.1. Introduction
Adequate nitrogen (N) input through fertilization is critical for achieving agronomic
productivity (Hansen et al., 2019). The demand for fertilizer N in North American is expected to
exceed supply, resulting in future shortage (FAO, 2017). While mineral fertilizers have been the
major supply, organic N sources such as animal wastes and legumes are increasingly used to
reduce input of mineral N fertilizer (Raphael et al., 2021; Høgh-Jensen et al., 2004; Bolan et al.,
2010). Use of organic N sources can alleviate shortages in inorganic fertilizer supply and
potentially improve soil health (Doran and Parkin, 1994; Rayne and Aula, 2020; Meena et al.,
2018). However, the N use efficiency (NUE) may be low with organic N sources, thus reducing
agroeconomic profit and contributing to environmental pollution (Ledgard et al., 2009; Chapman
et al., 2018; Bouwman et al., 2002). The humid and warm climate of the subtropical,
southeastern U.S. can accelerate N transformation processes, thus worsen NUE and N loss (Chen
et al., 2019).
Improving the use efficiency of N fertilizer is one of the most important tasks in
agricultural production (Smith et al., 2018; Fageria and Baligar, 2005; Silva et al., 2021).
Various N stabilizers have been developed to slow the N transformation process. Among them, a
urease inhibitor, N-(n-butyl) thiophosphoric tritriamide (NBPT), has been widely used with urea
to reduce ammonia (NH3) loss (Cantarella et al., 2018), and nitrification inhibitors such as
dicyandiamide (DCD) and 3, 4-dimethylpyrazole phosphate (DMPP) have been applied with
urea/urine to reduce N loss as nitrous oxide (N2O) through denitrification and nitrate (NO3-)
leaching (Di and Cameron, 2006; Zerulla et al., 2001). Since mineralization of animal manure
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and legume green manure releases ammoniacal N and the use of these organic N sources is
increasing, data on the efficacy of NBPT, DCD and/or DMPP with them is needed.
Legume grows in a symbiotic relationship with Rhizobium bacteria that fix atmospheric
N2. Involving leguminous forage species in pasture systems can provide bio-fixed N to the
subsequent crops (Lüscher et al., 2014; Ledgard and Steele, 1992; Meena et al., 2018; Ness et al.,
2010; Tian et al., 2020). Furthermore, legume cover crops can improve soil health and make crop
production more sustainable by increasing soil organic carbon (SOC) and altering the soil
microbial community (Franzluebbers et al., 2014; McDaniel, et al., 2014; Dhakal and Anowarul
Islam, 2018; Pena-Yewtukhiw et al., 2017). There are many forage species adapted to
subtropical Louisiana (Twidwell and Penny, 2016; Twidwell et al., 2020), but their effects on
pasture soil health have not adequately investigated. More broadly, it is important to better
understand the effects of pasture management on soil physical, chemical, and microbiological
properties, especially those directly related to soil health such as aggregate stability, SOC
functionality, and the microbial community, if production is to be sustainable under a changing
climate.
2.2. N budgets
2.2.1. N transformation in soil
Nitrogen in soil exists in two major forms, organic N and inorganic N, however, over
90% occurs in organic forms (Kelley and Stevenson, 1995). Soil organic N exists in plant,
animal, and microbial residues in different stages of decay (Chenu et al., 2015), and inorganic N
exists as ammonium (NH4+), nitrite (NO2-), and NO3-. Inorganic N is released by soil organic
matter mineralization, or added by atmospheric deposition, N fixation, and, in agricultural
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systems, fertilizer (Majumder, et al., 2018). The organic and inorganic forms are constantly
cycled in soil systems through several chemical transformations.
Mineralization is the process whereby soil microbes convert plant-unavailable organic N
to plant and microbial available NH4+, while immobilization is the process of assimilation of
inorganic N into organic N (Aoyama and Nozawa, 1993). Many factors affect microbial
mineralization/immobilization including the soil carbon to nitrogen ratio (C/N) (Frankenberger
and Abdelmagid, 1985), carbon availability (Bonan and Cleve, 1992), total N content (Scott and
Binkley, 1997), and microbial biomass (Hassink, 1994). The C/N is widely used to predict the
net trend of mineralization or immobilization, with immobilization dominating in soil with a C/N
greater than 25:1, and mineralization with a C/N less than 25:1 (Bengtssen, 2003).
Nitrification is the biological oxidation of relatively immobile NH4+ to highly mobile
NO3- (Hart et al., 1994). It is mediated by Nitrosomonas sp., and Nitrobacter sp., and occurs
under aerobic conditions, for example, at the soil surface or the root zone (Schramm et al., 2008).
Availability of oxygen and NH4+, a relatively alkaline condition, low CEC, and more active
nitrifying microbes increase the nitrification rate (Verstraete and Focht 1977; Allen et al. 2005;
Yuan et al. 2005). Under oxygen-limited conditions NO3- is reduced to NO2- and ultimately to
nitrogen gas (N2), a process known as denitrification (Martens, 2005). Availability of oxygen,
supply of NO3- and other electron donors, and denitrification enzyme activity affect the
denitrification rate (Delwich and Bryan, 1976, Burford and Bremner, 1975). Both nitrification
and denitrification contribute to N loss from soil (Davidson et al., 1986; Abbasi and Adams,
2000). Nitric oxide (NO), nitrogen dioxide (NO2), N2O emitted as intermediate products of
nitrification and denitrification can cause environmental issues (Russow et al., 2000; Bollmann
and Conrad, 2004).
7

2.2.2. N loss pathways and NUE
Nitrogen loss occurs through leaching and runoff in the forms of NH4+, NO3-, and
dissolved organic N, and through gaseous emission in the forms of NH3, NO2, NO, N2O, and N2.
According to the USDA (2006), the average annual N loss in southern U.S. grass hay fields is
19.1 kg ha-1, with 5.4 kg ha-1 in surface water runoff, 0.7 kg ha-1 in leachate, and 10.4 kg ha-1 in
NH3 volatilization, which adversely affect water and air quality (Davidson et al., 2011; De
Vries et al., 2013; Fowler et al., 2013). Ground and surface water with excessive levels of NO3can result in eutrophication and dead zones in water bodies, such as in the Gulf of Mexico, have
been attributed to N from the Mississippi River drainage basin (Rabalais et al., 2002).
Approximately 10% to 19% of synthetic N fertilizers applied to grassland is lost through NH3
volatilization, especially under hot and humid conditions in subtropical and tropical regions
(Cantarella et al., 2003; Bussink, 1992; Bouwman et al., 2002a). Although NOx emissions are
small compared to NH3, N2O is a greenhouse gas that contributes 6.24% of global radiative
forcing, with a global warming potential 298 times greater than carbon dioxide (CO2) (Myhre
et al., 2013). Agricultural soil is responsible for 74% of N2O emissions in the U.S. (U.S. EPA,
2015), and is primarily due to the use of N fertilizers and animal manure (Forster, 2007). The
Intergovernmental Panel on Climate Change (IPCC) estimated that 1% of the N fertilizer applied
to grassland is lost as N2O, ranging from 0.3% to 3% depending on environmental (climate, soil
conditions, etc.) and management-related factors (N fertilizer rate, vegetation types, etc.)
(Bouwman et al. 2002b; Stehfest and Bouwman, 2006).
The NUE is calculated by dividing the difference between total N uptake from fertilized
and unfertilized plots by fertilizer N application rate (Varvel and Peterson, 1990). Various
studies have shown that the NUE is generally low regardless of mineral or organic fertilizer
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(Silveira et al., 2007; Payne et al., 2015). For example, the NUE of urea for bermudagrass
(Cynodon dactylon L.) hay production in the southern U.S. was reported as low as 26% to 44%
(Silveira et al., 2007; Payne et al., 2015) and that for surface-spread cattle slurry in grassland
varied from 18% to 30% (Van Der Meer et al., 1987; Matsunaka et al., 2006). Loss of applied N
clearly contributes to such low values. Given the low NUE, an excess amount of fertilizer must
be applied in pasture in order to achieve a desired yield, yet causing more environmental
pollution (Ozer, 2003).
2.3. N stabilizers
Various management practices have been developed to improve the NUE of fertilizers
including optimizing the rate and timing of application (Liu et al., 2006; Sharma and Bali, 2017),
improving the application method as by incorporating fertilizer into soil (Blaylock and Cruse,
1992), and using N stabilizers (Abalos et al., 2014; Moir et al., 2012; Liu et al., 2013). The latter
includes polymer coatings of urea particles that physically slow the release of N (Halvorson et
al., 2014; Tian et al., 2015), and enzyme inhibitors applied along with the N fertilizer to slow N
biochemical transformation processes (Abalos et al., 2014; Cantarella et al., 2018; Liu et al.,
2017).
2.3.1. Urease inhibitor
There are two major types of enzyme inhibitors used as N stabilizers. A urease inhibitor
reduces NH3 volatilization by slowing the hydrolysis of amide groups to NH3 (Cabrera et al.,
1991). Currently, N-(n-butyl) thiophosphoric tritriamide (NBPT) is the most effective and widely
used urease inhibitor in the U.S. (Watson, 2000). The NBPT molecule coordinates the two Ni
atoms of urease with a bidentate structure, then one O atom and one amide group of the NBPT
molecule forms a carbamate bridge between the two Ni atoms with a hydrogen bond. The
9

tridentate structure of the NBPT ligand blocks the active sites of urease from reaching urea,
hence inhibiting hydrolysis (Manunza et al., 1999). Loss of NH3 from urea can be reduced by
85% on average by use of NBPT (Cantarella et al., 2018). The effect of NBPT on reducing N
loss with urea and improving NUE has been shown in pastures (Dawar et al., 2011; Suter et al.,
2013; Zaman et al., 2008; Rawluk et al., 2001; Soares et al., 2012). However, the efficacy of
organic N fertilizer appears much lower. For example, adding NBPT to poultry litter reduced
NH3 loss by only 6.6 to 13.5% (Zhang et al., 2010), and over a 4-year field study NBPT did not
significantly reduce NH3 loss from poultry litter (Bohara et al., 2018). In addition, NBPT may
increase N2O emission in alkaline soils (Fan et al., 2018).
2.3.2. Nitrification inhibitor
Nitrification inhibitors are another type of N stabilizer and act by suppressing the activity
of Nitrosomas, thus oxidation of NH4+ to NO2-, without affecting the oxidation of NO2- to NO3(Zerulla et al., 2001). Inhibiting the transformation of NH4+ to NO2- can effectively improve
NUE (Di and Cameron, 2016, Trenkel, 2010) since NH4+ is better retained in negatively charged
soils minerals than NO3- (Schlesinger, 2009). The inhibitors DCD and nitropyrin have been
commonly used since the 1960s (Goring, 1962; Solansky, 1982). The higher water solubility and
lower volatility of DCD (Rodgers, 1986) make it suitable for application in liquid form with
urea-ammonium nitrate (UAN), however, it can also be used with solid fertilizers such as urea
(Di and Cameron, 2006). Numerous studies have shown that DCD increased the NUE for both
synthetic and organic fertilizers (Rogers et al., 1985; Amberger, 1989; Frye et al., 1989; Pain et
al., 1994; Davies and Williams, 1995; Williamson et al., 1998; Di and Cameron, 2006).
Moreover, DCD reduced NO3- leaching (Williamson et al., 1998; Cichota et al., 2010; Monaghan
et al., 2009; Cameron et al., 2014; Di and Cameron, 2006) and N2O emission (Di and Cameron,
10

2006; Zaman et al., 2008; Cameron et al., 2014) in pastures amended with urea and urine.
However, DCD is prohibitively expensive for large-scale application, and when applied at the
10-30 kg ha-1 needed to be effective (Wissemeier et al., 2001) may cause phytotoxicity and
microbial toxicity (Reeves and Touchton, 1986; Carneiro et al., 2010).
A recently developed nitrification inhibitor, DMPP, is effective when applied at low rates
of 0.5 to 1.5 kg ha-1, and inhibition lasts 4 to 10 weeks (Pasda et al. 2001). Studies have shown,
however, that although DMPP reduced N2O emission and NO3- in leaching, it did not
significantly improve yield (De Antoni Migliorati, et al., 2014; Duan et al., 2017; Wu et al.,
2007). Furthermore, use of DCD or DMPP alone may increase NH3 volatilization because NH4+
persists (Soares et al., 2012). Although a few studies found that DCD decreases the effect of
NBPT in reducing NH3 volatilization (Soares et al., 2012; Asing et al., 2008), the combination of
NBPT with nitrification inhibitors still has the potential to reduce both NH3 volatilization, N2O
emission and NO3- loss through water in subtropical pastures.
Although NBPT, DCD and DMPP have generally been shown to reduce N loss, results
varied with cropping system and climatic. Based on studies conducted in either the lab or
temperate region pasture, N stabilizers in subtropical pasture systems may have great potential,
however, it is imperative to show this in the field.
2.4. Louisiana pasture systems
2.4.1. Forage species
Louisiana pastures make significant contribution to the agricultural economy. According
to the United States Department of Agriculture (USDA), Louisiana harvested 38,000 acres of
hay in 2018, with an average yield of 2.2 tons acre-1 (USDA-NASS, 2018). The most common
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forage crop is bermudagrass, with several varieties (Twidwell and Penny, 2016). Bermudagrass
is the most productive perennial warm-season species in the Southeast (Coleman et al., 2004). It
spreads fast by growing both above-ground stems (stolon) and below-ground stems (rhizomes),
with peak growth from May through August under high temperature and rainfall (Han et al.,
2012). What makes bermudagrass stand out among other species is its fast growth rate that
enables it to endure heavy use, high tolerance to heat and drought, and adaptability to variety of
soil pH and salinity (Hu et al., 2010; Adams et al., 1967; Marcum and Pessarakli, 2006).
However, it does have some limitations including: (1) slow cold-season growth, causing shortage
of feed (Coleman et al., 2004); (2) low quality (low crude protein) compared to some temperate
annual forages (Hill et al., 1993); and (3) high maintenance and nutrients requirement (Silveira et
al., 2007; Osborne et al., 1999). The acreage in bermudagrass and its high N demand warrant
attention to N fertilization management and potential environmental impact, particularly because
high rainfall and temperature in Louisiana favor N loss (Chen et al., 2019). Both mineral N
fertilizers and animal manures are applied, individually or mixed, typically, urea/ureaammonium-nitrate (UAN), and poultry litter or cattle manure/slurry (Osborne et al., 1999;
Sanderson and Jones, 2013; Lund and Doss, 1980; Wood et al., 2010).
Besides bermudagrass more than 30 forage species are suitable in the southeastern U.S.
region (Twidwell et al., 2020; Rouquette and Aiken, 2020). Although other warm-season species
including pearl millet (Pennisetum glaucum), cowpea (Vigna unguiculata), and Alyce clover
(Alysicarpus vaginalis) yield less than bermudagrass, they can extend the production period
and/or improve hay quality (Dahmardeh et al., 2009; Wallau et al., 2019). Cool-season forage
species including ryegrass (Lolium multiflorum) and white clover (Trifolium repens) are grown
when warm-season species are dormant (Hannaway et al., 1997; Bouton et al., 2005). These
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forage species are usually mix seeded to synchronize bio-fixed N mineralization with the N
demand of other non-leguminous species, as well as to cover hay production for the entire year
(Kuo and Jellum, 2002; Hauggaard-Nielsen et al., 2012; Shahin et al., 2013). Forage species
differ widely in their characteristics, such as productivity, nutritive value, rooting patterns, and
interactions with soil microorganisms (Crotty et al., 2015). Different rates of SOC input and
decomposition among forages influence soil N budgets and soil health parameters (Garcia et al.,
2013; Li et al., 2007; Liu et al., 2014; Martens, 2000). However, there few studies evaluating soil
N budgets and soil health for Louisiana forages.
2.4.2. Cool-season forages
Warm-season forages account for most pasture production in the southeast U.S. because
they are more productive than cool-season forages (Sanderson et al., 2012). Besides their use for
grazing or hay, cool-season forages are effectively winter cover crops in that they increase soil
cover in winter and release nutrients as green manures when decomposing in the spring (Han et
al., 2018). According to Fageria et al. (2005), the economic benefits cover crops are to: (1)
scavenge residual fertilizer N, thus reduce NO3- leaching and runoff, and (2) release mineral N to
the subsequent crop upon decomposition in-situ. Growing legume cover crops adds a third
economic benefit, fixation of atmospheric N2 and increased soil N (Vance, 1998). Moreover,
legume residue has a low C:N ratio of 17:1, which favors N mineralization (USDA, 2011). White
clover (Trifolium repens L.), for example, can fix as much as 150 kg N ha-1 yr-1 from atmosphere
(Ledgard, 2001), equivalent to 75 to 100 kg N ha-1 fertilizer (Smith et al. 1987). Thus, legumes
can lower N fertilizer use while maintaining optimal yield (Snapp et al., 2005; Bergtold et al.,
2012)
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Although bio-fixed N from legumes can substitute for a part of recommended mineral N
fertilizer, it may still contribute to N loss (Hochman and Helyar, 1989). The influence of legume
cover crops on N2O emissions is dynamic throughout the year, and the overall impact on N2O
loss is not well understood (Turner et al., 2016; Thomas et al., 2017). During winter, the cover
crop decreases potential nitrification/denitrification by reducing the concentration of NO3- in soil.
In spring when the cover crop decomposes, however, it contributes to the three conditions that
favor denitrification: increasing soil surface moisture through a mulching effect (Unger and
Vigil, 1998), providing labile C that serves as an electron donor (Steenwerth and Belina, 2008),
and mineralization of organic N to NO3- that requires electrons (Kaspar and Singer, 2011).
Several studies have compared environmental impacts of bio-fixed N with mineral fertilizers. Li
et al. (2011) and Andrews et al. (2007) found that white clover/ryegrass N releases less N2O to
the atmosphere than fertilized ryegrass, while others reported that legume residue had the same
N2O emission factor as urea (Gomes et al., 2009). A recent study also reported that the
proportion of NO3- loss in applied N through leaching was not different between bio-fixed N and
mineral N fertilizer (Chapman et al., 2018). Although these studies compared N2O emissions and
NO3- leaching loss between bio-fixed N and mineral N fertilizer, there has been no systematic
investigation on N budget in pastures when the same amount of N is input in the form of biofixed N or mineral N fertilizer.
Considering the significant amount N2O emission and NO3- leaching induced by legume
residue, N stabilizers have great potential for reducing N loss by slowing the N transformation
processes responsible: mineralization, nitrification and denitrification (Velthof et al., 2002;
Myhre et al., 2013; Basche et al., 2014). However, there has been only limited study of N
stabilizers with plant residue N – an incubation study reported DCD and DMPP significantly
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reduced of NO3- loss from cauliflower residue (Chaves et al., 2006). Therefore, it is necessary to
evaluate the efficiency of N stabilizers on reducing legume-induced N loss.
2.5. Soil health
Soil health is an assessment of how well soil performs all its functions and how those
functions are being preserved for future use (USDA, 2015). Soil health is reflected by soil
physical, chemical and biological properties, and these soil properties are sensitive to changes in
field management (Doran and Parkin, 1994; Cardoso et al., 2013; van Es and Karlen, 2019). Soil
physical indicators include aggregate stability, available water capacity, bulk density, infiltration,
soil structure and macropores, etc. These are primarily related to the effects of soil structure and
structural stability on plant and microbial growth (Elliott et al., 1999; Schoenholtz et al., 2000).
Chemical indicators include pH, electrical conductivity, soil nitrate, and soil phosphate, reactive
carbon, which affect soil nutrient cycles and buffer capacities (Kelly et al., 2009; Schoenholtz et
al., 2000). Biological indicators provide insight into the living component of the soil and include
abundance of earthworms, particulate organic matter, potentially mineralizable N, soil enzymes,
soil respiration and soil microbial community structure (Izquierdo et al., 2005; Sicardi et al.,
2004; Bastida et al., 2008).
2.5.1. Effect of N stabilizers on soil microbial community
Since N stabilizers are enzymatic inhibitors, they influence microbial activities and may
shift the microbial community. The soil microbial community is usually estimated by
phospholipid fatty acids (PLFA) extraction (Li et al., 2020), which is the main building block of
cell membrane. The chemical composition of PLFA biomarkers differs depending on the type of
organisms and therefore can be used to generate a “fingerprint” of the microbial community
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composition (Willers et al., 2015). The few studies on effects of N stabilizers on the soil
microbial community have reported contradictory results. For example, Carneiro et al. (2010)
found that DCD decreased microbial populations, whereas Guo et al. (2013) and Ernfors et al.
(2014) showed no difference in bacterial and fungal abundance and robustness in pasture and
slurry-amended grassland soil, respectively. Recently, Kong et al. (2017) also showed that
DMPP had no effect on total soil microorganism PLFA and functions, as well as ammonia
oxidizer populations in pasture soils. In addition, DMPP along with bovine manure had no effect
on microbial community structure compared to bovine manure alone (Maienza et al., 2014).
Besides little overall research on the effect of N stabilizers on microbial community in pastures,
the long-term effect of high rates of nitrification inhibitors has not been considered.
2.5.2. Effect of winter cover crops on soil health parameters
Winter cover crops may affect different soil health parameters (Karlen et al., 1994;
Reicosky and Forcella, 1998; Fageria et al., 2005). For example, since the decomposition of
cover crops adds SOC (Turmel et al. 2015; Clark et al., 1998), the cation exchange capacity
(Parfitt et al., 1995; Ramos et al., 2018) and pH buffering increase (Anthony Federer and
Hornbeck, 1985; Moody et al., 1997). Cover crops favor agglomeration of macroaggregates, thus
better structure, and can increase aggregate stability, helping soil under physical stress remain
intact (Cambardella and Elliott, 1993; Six et al., 2000). Soil aggregation is directly related to
porosity, and movement of water, gas and nutrients through soil (Guidi et al., 1985). Studies on
effects of cover crops on soil physical parameters include Dapaah and Vyn (1998) who found
that clover and ryegrass increased the proportion of aggregates greater than 4mm in barley and
wheat fields. In addition, soil covered by winter crops is protected from raindrop impact
(Verhulst et al., 2010). Cover crop residue on the soil surface helps sustain water availability
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(Havlin et al., 1999), and roots increase soil macro-porosity, thus infiltration (Lascano and
Baumhardt, 1996; Kumar and Goh 1999; Bhattacharyya et al., 2012), and reduce soil loss in
runoff (Langdale et al., 1991). Besides physical and chemical aspects of soil health impact,
growing winter crops also provides favorable environmental conditions for soil microorganisms,
mainly through the production of soil organic matter and maintenance of soil moisture (Brye et
al., 2004). Previous studies have shown that multi-species systems improved soil total microbial
biomass, along with increased SOC and soil total N (Wardle and Nicholson, 1996; McDaniel, et
al., 2014). Wang et al. (2007) showed that growing sorghum, cowpea, sunn hemp, and velvet
bean mixtures as cover crops increased soil microbial biomass in a tomato field. In general, the
low C:N ratio of legumes makes them more effective in increasing microbial biomass than nonlegumes (Wang et al., 2007; Kumar and Goh, 1999). However, there are very few studies
specific to Louisiana pasture and forages such as bermudagrass, ryegrass, and white clover.
2.5.3. Interactions of soil aggregation, SOC and the microbial community
Soil health parameters such as aggregate stability, SOC and the soil microbial community
interact with each other (Zhang et al., 2018; Upton et al., 2019; Yang et al., 2019). Soil aggregate
stability can be improved by increasing the abundance and variety of SOC from plant residues
(Verhulst et al., 2010). Fulvic acids, humic acids and polysaccharides can serve as binding agents
to hold soil particles together into macroaggregates (Boyle et al., 1989; Liu et al., 2005). New
soil aggregates are developed on the surface of decomposing cover crops residue, which is a hot
spot for microbial activity (Guggenberger et al., 1999; De Gryze et al., 2005). Differences among
agroecosystem vegetation and management result in varied levels of soil disturbance, SOC input
and total microbial biomass (Garcia et al., 2013; Li et al., 2007; Liu et al., 2014; Martens, 2000).
Consequently, the quantity and quality of SOC entering soil and its effect on the formation of
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macroaggregates varies (von Lützow et al., 2007; Li et al., 2007; Liu et al., 2014). Thus, the
effect of vegetative cover and management on soil aggregate stability varies. The effects of
pasture management in Louisiana on the mechanism of aggregates formation, soil microbial
community and SOC characteristics need to be evaluated.
2.6. Conclusions
Agriculture in subtropical Louisiana contributes to the substantial N loss in North
America, yet there has not been a systematic investigation on N loss through different pathways
in subtropical pastures with different N sources, such as mineral N fertilizer, animal manure, and
legume bio-fixed N, nor are effects of N stabilizers such as NBPT, DCD, and DMPP known. The
economic and environmental benefits of legumes are unknown trade-offs between savings in
applied mineral N fertilizer and N losses through N2O emission and water runoff/leaching due to
N mineralization under higher soil moisture and with more labile C returned to soil. Furthermore,
investigating the effect of N stabilizers on N loss in leguminous systems is warranted, especially
the potential of this combination for better environmental outcomes. While many forage species
can be grown in subtropical Louisiana under different management practices and land uses, their
effects on soil health parameters such as aggregates stability and soil microorganisms have not
been examined. More fundamentally, it is important to understand the mechanism(s) underlying
changes in these parameters, especially how a specific practice affects aggregate formation
through the interaction of SOC inputs and microbial activities.
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CHAPTER 3. NITRIFICATION INHIBITORS REDUCE NITROGEN LOSSES
AND IMPROVE SOIL HEALTH IN A SUBTROPICAL PASTURELAND
3.1. Introduction
Nitrogen (N) input is critical for achieving agronomic productivity (Hansen et al., 2019).
Low use efficiency of fertilizer N (NUE) has been a limiting factor for efficient crop production.
The world average NUE was estimated at 35% of that applied (Omara et al., 2019). Even under
well-managed crop system, fertilizer N could be easily lost to the environment through gaseous
emission in the forms of ammonia (NH3), nitric oxide (NO), nitrous oxide (N2O), and dinitrogen
(N2), as well as through leaching and runoff in the forms of ammonium (NH4+), nitrite (NO2-),
nitrate (NO3-) and dissolved organic N (Sharma and Bali, 2017). These undesired pathways of N
into the environment cause not only yield reduction, but also environmental issues. N2O is a
known greenhouse gas with a global warming potential of 265 times that of CO2 (Myhre et al.,
2013). Agricultural N2O emission accounts for 74% of the total emission in the U.S. (U.S. EPA,
2015). Nitrogen loss through leaching and runoff has caused significant water quality impacts,
such as eutrophication in various water bodies and hypoxia in the Gulf of Mexico (Rabalais et
al., 2002). The tropical and subtropical climate can worsen this situation, such as the abundant
rainfall and high temperature in the southern U.S. (Chen et al., 2019). Therefore, optimizing N
fertilizer utilization is necessary in agricultural systems for both economic and environmental
improvement.

This chapter was previously published as Meng, Y., Wang, J.J., Wei, Z., Dodla, S.K., Fultz, L.M.,
Gaston, L.A., Xiao, R., Park, J., Scaglia, G., 2021. “Nitrification inhibitors reduce nitrogen losses and
improve soil health in a subtropical pastureland”, Geoderma 388(15), 114947.
https://doi.org/10.1016/j.geoderma.2021.114947 Reprinted by permission of Elsevier.
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Various management practices have been proposed to reduce N loss and improve
environmental quality, including optimizing the application rate and timing of N fertilizer
(Sharma and Bali, 2017), using liquid fertilizer through injection (Liu et al., 2006), and applying
N fertilizer with enhanced efficiency, such as polymer-coated urea, urea and UAN (urea
ammonium nitrate) treated by urease inhibitor or nitrification inhibitors (NIs) (Halvorson et al.,
2014; Tian et al., 2015).
NIs have gained attention for their potential in reducing high soil NO3- concentration
following N fertilization, since NO3- is considered to be the major pathway of N losses through
leaching and denitrification (Di and Cameron, 2016). As a widely used NI, dicyandiamide
(DCD) has been shown to slow down the bacterial oxidation of ammonium (NH4+) to nitrite
(NO2-) in soils by depressing the activities of ammonia monooxygenase of Nitrosomas bacteria
(McCarty, 1999). By keeping fertilizer N in the form of NH4+ rather than NO3-, DCD effectively
reduces the potential loss of N through N2O emission and NO3- loss via leaching (Halvorson et
al., 2014). The DCD has been widely used in Europe and New Zealand and shown to mitigate N
loss from inorganic N fertilization and grazers’ excreta in temperate pastures effectively (Zaman
and Blennerhassett et al., 2010; Misselbrook et al., 2014; Cardenas et al., 2019). However, high
application rates (10-30 kg ha-1) of DCD are needed for sufficient nitrification inhibition (Zerulla
et al., 2001). The high application rate of DCD was also reported to potentially cause a toxic
effect to plants (Reeves and Touchton, 1986). In New Zealand, DCD was even detected in milk
of dairy cows, and was banned in 2013 (Dairy reporter, 2013). Recently, a newly developed NI,
3, 4 dimethyl pyrazole phosphate (DMPP), was proposed in Germany (Wissemeier et al., 2001).
Lab incubation studies have found that at a lower application rate, DMPP inhibited nitrification
with higher efficiency for a longer period than DCD (Wissemeier et al., 2001; Kou et al., 2015).
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The DMPP was shown effective in reducing N2O emission and NO3- leaching in lab studies (Wu
et al., 2007; Duan et al., 2017), as well as in barley and pasture fields under temperate climate
(Weiske et al., 2001; Merino et al. 2005). While these studies have investigated the efficiency of
DMPP, a systematic comparison that evaluates the two NIs is lacking, especially their effects on
agronomic yield, N2O emission, NO3- runoff and leaching.
Soil microbial community is influenced by management practices. Total microbial
biomass and microbial diversity have significant effect on soil health, which in turn affect
agricultural productivity and environmental sustainability (Cardoso et al., 2013). Both DCD and
DMPP have been reported to reduce the population of NH4+-oxidizing bacteria (O’Callaghan et
al., 2010; Dong et al., 2013; Kou et al., 2015; Fu et al., 2020), but their effect on non-target soil
microorganisms is not clear. Some studies reported a decrease of total microbial biomass by
DCD (Carneiro et al., 2010) and DMPP (Maienza et al., 2014), while others found that overall
soil microbial activities showed no response to the application of DCD (O’Callaghan et al., 2010;
Fu et al., 2020) and DMPP (Kong et al., 2016). However, there has been no study of NIs on
microbial community response in subtropical pastures.
Southeastern pastures contribute to 40% of U.S. forage hay production (USDA-NASS,
2018). As the most common forage species in tropical and subtropical regions, bermudagrass
(Cynodon dactylon L.) requires a high rate of N fertilizer due to its generally low NUE (26-44%)
(Silveira et al., 2007; Payne et al., 2015). It is hypothesized that the application of NI in tropical
and subtropical pastures will have great potential in improving NUE, but at present, all pasturerelated studies were conducted in lab or temperate regions. While DCD has been shown to
suppress N2O emission from the southeastern wheat and cotton field (Tian et al., 2015; Liu et al.,
2017). There is no systematic study of NIs to focus on pastures in tropical and subtropical
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regions where a high risk of N loss is expected. On the other hand, it is difficult to extrapolate
the efficiencies of NIs from other studies. Since the decomposition rate (Bronson et al., 1989)
and mobilities (Marsden et al., 2016) of the NIs are highly dependent on soil physicochemical
properties (Wu et al., 2007), cropping systems (Pasda et al., 2001) and climate properties
(Dougherty et al., 2016), it is imperative to conduct research in order to understand regional
effectiveness of NIs in humid subtropical region. Hence, the objectives of this study were to
compare the effectiveness of DCD and DMPP in a subtropical pasture on improving NUE,
reducing N loss through N2O emission, runoff, and leaching. This study also evaluated the shortterm effect of the NIs’ addition on the soil microbial community.
3.2. Materials and Methods
3.2.1. Field site properties and experimental design
The experiment was conducted from 2016 through 2017 in a mixed pasture field in
Baker, LA (30°36′14″ N latitude, 91°10′5″ W longitude). The annual average temperature was
20 oC, and the annual average precipitation was 1,570 mm. The precipitation and daily maximum
air temperature during growth season of 2016 and 2017 are presented in Appendix Fig. A.1.
(Data obtained from National Weather Service Forecast Office). Before the establishment of this
experiment, the field was a pastureland and kept unfertilized and non-grazed for up to five years.
The overall slope in the field was less than 5%. The pasture consists of 40% common
bermudagrass, 30% carpetgrass (Axonopus fissifolius), and 30% bahiagrass (Paspalum notatum
Flugge). The soil at this site was Oprairie Silt (Fine-silty, mixed, semiactive, thermic Fragiaquic
Glossudalfs) (citation). The maintenance of the field followed the common practices of
bermudagrass hay production in Louisiana (Han and Twidwell, 2017). A blanket application of
P2O5 (54 kg ha-1) and K2O (80 kg ha-1) was performed each year in early November after
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harvesting the biomass. The rates of P and K were recommended by the Louisiana State
University Agricultural Center Soil Testing Laboratory.
Before initiation of field experiment, composite samples of surface soil (0-15 cm) were
collected. Mineral NH4+ and NO3- was extracted from fresh moist soil samples using 2M KCl
and analyzed using a LaChat flow injection system with inline colorimetry (LaChat Instruments,
Loveland, USA). The remaining soil samples were air-dried, ground, and sieved to pass through
a 2-mm screen for further analysis. Soil pH and EC were measured in a 1:1 mixture of soil to
deionized water. Soil total C and N contents were determined using a Vario EL cube Elemental
Analyzer (Elementar Co., Germany) via combustion. Soil Mehlich III extractable P, K, Ca, Mg,
and S were determined using inductively coupled plasma atomic emission spectrophotometry
(ICP-AES; Spectro Citros CCD, SPECTRO Analytical Instruments, Kleve, Germany). Soil
characteristics are present in Table 3.1.
Experimental plots for testing the effects of NIs on N fertilizer were established in a
randomized block design, with each plot being 10 m2 in area (4 by 2.5 m). A 2 m buffer zone
was used to separate plots from each other. The field experiment included four treatments: (i) a
control that received neither N fertilizer nor inhibitor, (ii) urea, (iii) urea with DCD additive, and
(iv) urea with DMPP additive. Urea (45-0-0) was surface broadcasted at a rate of 224 kg N ha-1
yr-1, split applied two times before each regrowth of grass, on June 8th and September 19th in
2016 and on May 25th and August 14th in 2017. The second fertilization in 2016 was delayed for
1 month due to a serious flood event that occurred in August. The DMPP and DCD were applied
by dissolving in water first followed by spraying through a pump sprayer on soil surface at 1 kg
DMPP ha-1 and 10 kg DCD ha-1, respectively, immediately after urea broadcasting each time

23

(Zerulla et al., 2001). All field treatments were replicated twice. Gas emission, runoff and
leachate were monitored right after each N fertilization event.
3.2.2. N2O emission measurement
Gas emission was monitored after each time of two split N fertilization treatments until
harvest of biomass (two harvests each season) based on a modified closed chamber method
(Bekku et al., 1995). Specifically, the monitoring periods were from June 8th to July 20th and
September 19th to October 23rd in 2016, and from May 25th to July 4th and August 14th to
September 24th in 2017. During each monitoring period, gas samples were collected every other
day in the first 2 weeks and then gradually decreased during the later period. Two chambers
were installed to perform duplicate samplings from each plot. In total, there were four chambers
for each treatment. The chambers were made of polyvinylchloride pipes. The chamber included
two parts: collar and cap. The collars (20 cm tall, 13.5 cm internal diameter cylinder) were
permanently installed in the field to a depth of 10 cm and were uncapped until sampling. During
sampling, a cap (45 cm tall, 13.5 cm internal diameter) was attached to the top of each collar and
fixed with a clamp hose for sealing the chamber. The height within the headspace of each
chamber was 45 cm (10 cm from the collar, and 35 cm from the cap), providing a headspace
volume of 25.75 L. For each sampling, 15 ml headspace gas samples were taken into prevacuumed vials at 0 min, 30 min, and 60 min after the chamber was closed, and transported to
the laboratory for analysis. Nitrous oxide concentrations were measured by using a Varian 3800
gas chromatograph (GC) (Varian Inc., Palo Alto, CA) equipped with an electron capture detector
(ECD). Temperatures of injector, methanizer, and detector were kept at 60°C, 450°C, and 250°C,
respectively. Nitrous oxide concentrations were calibrated using Scotty specialty gases standards
(Scotty Gas, Plumsteadville, PA). In addition, during each sampling, a soil sample was taken and
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measured for gravimetric water content by oven-drying at 105 0C, and soil temperature was
measured using a thermometer. Cumulative N2O emissions for each plot were calculated by
linear interpolation of the measured daily fluxes.
3.2.3. Characterization of NH4+ and NO3- in runoff and leachate
Runoff was monitored after the first N fertilization from June 8th to July 20th in 2016, and
from May 25th to July 4th in 2017. Leaching was monitored for the same period in 2017, when
most frequent rain events happened. Runoff and leaching were also monitored after the second N
split fertilization, but samples were rarely obtained due to lack of rain events. Runoff water
samples were collected after each rain event by installing a stainless metal frame collection
system (a square with 60 cm side length, 20 cm in height) at the edge of each plot (Gaston et al.,
2003). The collection system contains a trough (10 cm wide) on one side of the collection frame,
and the trough was orientated toward the downslope side of each plot so that the other three sides
of the frame served as barriers to converge surface runoff water into a 30 L water collection
chamber that was buried at the side of each plot. During rain events, runoff water collected in the
frame area was drained into the collection chamber by gravity. Runoff volumes were measured
using a graduate cylinder, and water subsamples were taken from the collection chamber after
each rain event within 6 fours.
Leachate samples were collected by suction-based lysimeters (Soil solution access tube,
Irrometer Co., Riverside, CA). Two lysimeters were installed in each plot with the ceramic tip
placed at depths of 30 cm, and the hole was back filled with bentonite and soil, surrounding the
ceramic tip and at the top layer, respectively. Each lysimeter consisted of a sealed plastic
(butyrate) tube with a rubber stopper on top and a porous ceramic tip on the bottom end. After
each rain event, approximately 70 to 80 centibars of vacuum was applied with a hand vacuum
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pump connected to a suction tube that was placed through the rubber stopper. Soil leachate was
drawn into lysimeter through the ceramic tip and was collected using a syringe 4 to 8 hours after
applying vacuum.
All collected runoff water and leachate samples were filtered through 0.45 µm PTFE
membrane syringe filters (VWR International. LLC, PA) and analyzed for NH4+ and NO3concentrations using a LaChat flow injection system with inline colorimetry (LaChat
Instruments, Loveland, USA).
The cumulative load of NH4+-N and NO3--N in runoff water were calculated as:
∑ (concentration of NH4+-N or NO3--N in runoff × runoff volume). Estimation of maximum loss
of NH4+-N and NO3--N through leaching was calculated as ∑ [concentration of NH4+-N or NO3-N in leachate × (precipitation volume – runoff volume)], where (precipitation volume – runoff
volume) is the estimation of potential maximum leaching volume.
3.2.4. Aboveground biomass yield
The growth season of warm season grass was from April through September, and the
peak growth was from May through August. Therefore, the hay harvesting from Louisiana warm
season pastures was usually twice per growth season in July and September. The aboveground
biomass was harvested manually by mowing down to 5 cm on July 29th and November 18th in
2016 (flooded condition delayed the second harvest), and on July 10th and September 26th in
2017. The aboveground biomass from 1 m2 quadrat was collected for estimating biomass yield
after drying in oven at 50oC. In addition, dried plant matter was ground, and then analyzed for
total C and N using a Vario EL cube Elemental Analyzer (Elementar Co., Germany) via
combustion. The nitrogen use efficiency (NUE) for each growth season was calculated as:
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NUE =

𝑇𝑁𝑓𝑒𝑟𝑡𝑖𝑙𝑖𝑧𝑒𝑑 − 𝑇𝑁𝑐𝑜𝑛𝑡𝑟𝑜𝑙
𝐴𝑝𝑝𝑙𝑖𝑒𝑑 𝑁 𝑓𝑒𝑟𝑡𝑖𝑙𝑖𝑧𝑒𝑟

where TNfertilized is the total pasture N uptake from fertilized treatment, TNcontrol is the total
pasture N uptake from unfertilized treatment; and applied N fertilizer is the application rate of
urea-N (kg N ha-1).
3.2.5. Soil microbial community
Subplots were set up on August 14th, 2017, in the same field of experiment for soil
microbial community characterization. In doing so, stainless frames (squares with 30 cm side
length, 20 cm height) were installed to a depth of 10 cm. The soil and grass within the framed
area received the same treatment as described above. Besides control and urea, DCD was
investigated at two rates: 1 kg ha-1 (referred to as DCD1) and 10 kg ha-1 (referred to as DCD10);
while the DMPP was at rate of 1 kg ha-1 (referred to as DMPP1). DCD1 was selected in order to
compare its effects with DMPP at equal dosage. The treatments were replicated four times. Soil
samples were taken two weeks after the implementation of treatments and characterized for
microbial community. The two weeks were chosen for the purpose of describing the dynamic
response of microbes at active stage of greenhouse gas emissions. Soil microbial community was
analyzed based on phosphorus lipid fatty acid (PLFA) method (Green and Scow, 2000; Zhuo et
al., 2020). In doing so, soil samples were firstly freeze-dried, and then extracted with a singlephase mixture of methanol, chloroform, and phosphate buffer (pH 7.4) in a ratio of 2:1:0.8. The
phase was broken by changing the ratio to 1:1:0.9, and total lipids were extracted from the
chloroform phase. Then polar microbial PLFAs were isolated from total lipids using silica gel
column chromatography (Avantor Performance Materials, Poland). The purified microbial
PLFAs were methylated by adding methanolic KOH to produce fatty acid methyl esters. Finally,
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the PLFAs were analyzed using an Agilent 6890 GC Series II (Hewlett-Packard, Wilmington,
DE) equipped with a flame ionization detector (FID). The stationary phase consists of a HPULTRA 2 column (25 mm x 0.2 mm x 0.33 µm). PLFAs were identified using Sherlock
Microbial Identification System (Microbial ID, Inc., Newark, DE), and concentrations of FAMEs
were converted to nmol g-1 soil based on the peak area of nonadecanoate (C 19:0) as an internal
standard. Soil PLFA biomasses for each microbial group were estimated by summing all FAMEs
in the group according to the literature (see Appendix A Table A.2). Total microbial biomass for
each sample was calculated by the sum of PLFAs from all the microbial groups. The cy/pre ratio
was calculated as [(cy17:0 ω7c + cy19:0 ω7c) / (16:1 ω7c + 18:1 ω7c)] (Kieft et al., 1994; Smith
et al., 2000).
3.2.6. Statistical Analyses
Treatment effects on N2O emission, harvested biomass, NUE, and abundance of
microbial groups were analyzed using one-way ANOVA based on GLIMMIX procedure of the
SAS software (SAS Institute, Inc., Cary, NC). When ANOVA test was significant, individual
treatment effects were assessed by Tukey’s least significant difference (LSD) at an α< 0.05 level.
Distribution of microbial biomarkers (PLFAs) were characterized by principal component
analysis (PCA) by using “prcomp” function in “ggplot2” package of R-studio software (Version
0.98.1028).
Table 3.1. Selected soil physical and chemical characteristics of study site
KCl extractable
Sand

Silt

Clay

-------g kg-1------143 727 130

pH

6.8

TC

TN

----g kg-1---14.33 1.69

-

+

NO3 - NH4 N
N
----mg kg-1---1.20
2.17
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Mehlich III extractable
P

K

Ca

Mg

S

-----------mg kg-1---------43 22 1695 306 22

3.3. Results
3.3.1. Weather characteristics
The overall mean temperature during growth season was 32.1oC in 2016 and 30.6oC in
2017; the precipitation was 1,348 mm in 2016 and 928 mm in 2017, respectively (See Appendix
Fig. A.1). In general, the growth season of 2016 was warmer and wetter than in 2017. However,
due to the delayed 2nd N fertilization in 2016, the mean temperature was lower during the 2nd gas
monitoring period in 2016 (30.7oC) than 2017 (31.6oC), and the precipitation was less in 2016 (2
mm) than 2017 (123 mm). On the other hand, the precipitation during runoff monitoring period
in 2016 was 257 mm, which was about 65% drier than 2017 (352 mm).
3.3.2. N2O emission
Temporal N2O emission following fertilization during the growth seasons is described in
Fig. 3.1 Generally, N2O showed maximum emission peaks within the first 15 days of fertilization
regardless of whether it was after the first or second N application, and then decreased to
background level. Specifically, the peaks of N2O flux in urea treatment reached approximate 70
and 40 g N2O-N ha-1 day-1 respectively, following the 1st and 2nd fertilizations in 2016 (Fig. 3.1a,
b). In 2017, the maximum N2O flux reached 400 g N2O-N ha-1 day-1 on the 5 days after the 2nd
fertilization (Fig. 3.1d), significantly greater than that observed in 2016 season (Fig. 3.1b). The
highest N2O flux in 2017 corresponded to relatively high soil temperature (32.8oC) and soil
moisture (38.2%) at the sampling time right after the fertilization event. In 2016, the addition of
DCD reduced the maximum emission to the approximate background level of 10 g N2O-N ha-1
day-1, while DMPP reduced the maximum emission to approximate 20 g N2O-N ha-1 day-1. In
2017, both DCD and DMPP reduced the maximum emission to the background level.
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Figure 3.1. Temporal N2O-N emission, soil temperature and soil moisture during growth season after the first fertilization (a) and
second fertilization (b) in 2016, first fertilization (c) and second fertilization (d) in 2017. Bars indicate standard errors among
replicates.
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Seasonal cumulative emissions of N2O-N for the two years were 323, 1,978, 478 and 645
g N2O-N ha-1 for control, urea, urea DCD, and urea DMPP treatment, respectively (Fig. 3.2). For
urea treatment, the seasonal cumulative N2O emission accounted for 0.72% of applied urea-N.
Overall, two-year average seasonal cumulative N2O emission was significantly reduced by 76%
with DCD addition and 67% with DMPP treatment, as compared to the urea treatment. There
was no significant difference in N2O emitted among DCD, DMPP, and control treatment,
suggesting that DCD or DMPP addition was able to reduce the majority of N2O that was released
from urea. With one-tenth application rate of DCD, DMPP treatment showed comparable
inhibition efficiency.
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Figure 3.2. Cumulative N2O-N emission during growth season of 2016 and 2017. Letters above
bars indicate significance among treatments using Tukey’s LSD comparison (α < 0.05). Bars
indicate standard errors among replicates.

3.3.3. NH4+ and NO3- loss via surface water runoff and leaching
The NH4+-N and NO3--N released as cumulative loadings in surface runoff are presented
in Fig. 3.3. Generally, the magnitude of NH4+ and NO3- runoff loads in all treatments
corresponded to their respective runoff volumes. Because the slope of pasture field is uniform
and less than 5%, the runoff volumes were similar among all the plots with less than 20%
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variation. The difference in N loads among treatments were primarily from N concentrations in
the runoff.
Different rain patterns in 2016 and 2017 contributed to large variations of N loads in
runoff. In 2016, 70 to 80% of applied urea-N was released through runoff with the first rain
event occurred on day-36 after fertilization. However, overall NH4+ and NO3- loads in runoff in
all treatments for the year 2016 were very low. In comparison, all urea treatments in 2017
showed 10-fold higher NH4+ and NO3- than in 2016, when the first rain event occurred on day-5
after fertilization. Addition of NIs did not show significant impact on load of NH4+ (Fig. 3.3a, b),
but had significant reduction of NO3- in runoff water 5 days after fertilization in 2017 (Fig. 3.3d).
In 2017, the cumulative NH4+-N and NO3--N lost through runoff accounted for 1.5% and 3.6% of
urea-N, respectively. Addition of DCD and DMPP reduced NO3- in runoff by 84% and 65%,
respectively. The lack of response of NIs treatments in 2016 was clearly, due to the long delay of
rain events after treatment implementation.
The concentration of NH4+-N and NO3--N in leachate and estimated potential maximum
NH4+-N and NO3--N losses are presented in Fig. 3.4. Overall, the possible maximum loss of NO3from urea treatment was as high as 2,572 g N ha-1, which was 2.3% of applied urea-N. Adding
NIs greatly reduced the potential NO3- loss to 283 g N ha-1 by DCD and 157 g N ha-1 by DMPP,
representing reduction of 89% and 94%, respectively, when compared to the urea treatment (Fig.
3.4d). On the other hand, inhibition of NIs on NH4+ concentrations in leaching was not
significant (Fig. 3.4a, b).
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3.3.4. Yield and NUE
Biomass yields of pasture were summed from the two cuts of harvest per growth season,
and the crop uptake biomass N from the two harvests were used to calculate NUE. In both 2016
and 2017, the application of NIs did not show a statistically significant increase on pasture yields
compared to urea treatment (See Appendix A Table A.1). Similar trends were also observed in
the NUE of urea by pasture.
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Table 3.2. Absolute abundance (nmol g-1), relative abundance (%), and ratios of phosphorus
lipid fatty acid (PLFA) biomarkers
Urea
Urea
Urea
Control
Urea
DCD1
DCD10
DMPP1
-----------------------------nmol g-1 soil-----------------------------Total microbial biomass
188.7abc†
114.0c
152.3bc
247.7a
222.4ab
Total bacteria
151.2abc
93.2c
125.7bc
201.5a
178.4ab
Total fungi
30.4ab
18.3b
23.8b
39.0a
37.7a
G+
78.0ab
48.3b
65.3ab
94.6a
91.1a
G48.6bc
28.9c
41.0bc
79.6a
60.6ab
Actinomycete
24.6a
16.0b
19.4ab
27.4a
26.8a
Common fungi
21.5ab
13b
16.9b
27.4a
27.1a
AMF
8.9abc
5.3c
6.9bc
11.6a
10.6ab
Anaerobe
3.9c
9.5ab
7.9b
11.6a
12.5a
Protozoa
4.7a
1.4b
1.4b
4.5a
3.6ab
---------------------------------%-------------------------------------Bacteria relative abundance
80.1a
81.0a
82.5a
81.3a
80.2a
Fungi relative abundance
16.3a
16.3a
15.8a
16.0a
17.2a
F/B
0.203a
0.199a
0.191a
0.196a
0.215a
G+/G1.61ab
1.68a
1.59ab
1.19c
1.51b
cy/pre*
0.58b
0.66a
0.63ab
0.49c
0.57b
*cy/pre was calculated as (cy17:0 ω7c + cy19:0 ω7c) / (16:1 ω7c + 18:1 ω7c)
† Letter designations indicate significance in the row using Tukey’s LSD comparison ( α < 0.05)
G+, Gram positive bacteria; G-, Gram negative bacteria; AMF, arbuscular mycorrhiza fungi; F/B, Fungi to
bacteria ratio; G+/G-, Gram positive to Gram negative ratio.

3.3.5. Microbial community
Total microbial biomass (TMB) and individual biomass of each microbial group of soil
treatments are present in Table 3.2. The urea treatment and urea with low DCD1 treatment showed
40% and 20% of reduction in TMB compared to the control, respectively. On the other hand,
addition of urea with either DCD10 or DMPP1 did not significantly change TMB from control but
doubled the TMB comparing to urea-only treatment, suggesting the importance of sufficient DCD
presence, and equivalent of DMPP1 to DCD10 in facilitating microbial activity. Bacteria was the
dominant group for all treatments with 80-83% abundance of TMB. The treatments of urea DCD10
or urea DMPP1 significantly increased bacterial biomass compared to urea (Table 3.2; 201.5 or
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178.4 nmol g-1 vs. 93.2 nmol g-1, respectively). However, addition of DCD10 or DMPP1
significantly decreased G+/G- ratios as compared to urea treatment (Table 3.2), indicating greater
promotion of DCD and DMPP on G- over G+. The response of total biomasses of fungi as well as
arbuscular mycorrhiza fungi (AMF) to NIs were consistent with TMB. Additionally, although
absolute fungi biomass was two times higher in urea DCD10 or urea DMPP1 than in urea treatment,
the relative abundance of fungi showed little difference. On the other hand, the addition of NIs did
not significantly change fungi/bacteria ratio (FBR). Biomass of actinomycete was two times higher
in soil treated with DCD10, or DMPP1 than urea treatment. In contrast, biomasses of protozoa and
anaerobes, which account for minor population abundances in TMB, did not show much response
to NIs. In addition, the cy/pre ratio, ratio of cyclopropylated fatty acids to their precursors, an
indicator of microbial environmental stress (Kieft et al., 1994; Smith et al., 2000), was significantly
increased in urea treatment compared to the control, indicating an elevated stress. On the other
hand, such stress induced by urea was significantly reduced by DCD10 or DMPP1 addition.
Principle component analysis was performed to evaluate relation among different
treatments’ effect on the absolute abundance of specific PLFA biomarkers (Fig. 3.5). The two
principle components (PC1 and PC2) explained 71.8% and 12.5% of the total variance (Fig.
3.5a). All PLFA biomarkers are clustered on the left side of PC1 axis, while individual
biomarkers are coordinated (Fig. 3.5a). When biomarkers are combined for associated microbial
groups, the distribution of PLFAs showed that PC1 is heavily weighted by G+, G-, AMF, fungi,
as well as actinomycete, while PC2 is more by anaerobic and protozoa (Fig. 3.5b). The urea
DCD10 and urea DMPP1 treatments are located closely to each other on left side of PC1 axis,
indicating the similar level of promotion effect of DCD10 and DMPP1 on the majority of
microbial biomarkers. On PC2 axis, the control located on the negative side, indicating that urea
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fertilization reduced the activity of protozoa but promoted the activity of anaerobes. On the other
hand, urea DCD1 and urea are located closely on the right side of PC1 axis, which indicates that
low level DCD addition did not change soil microbial community. All urea and urea plus NIs
treatments located on or near the horizontal axis (PC2 = 0), suggesting insignificant effect of NIs
on anaerobe and protozoa populations.
3.4. Discussion
3.4.1. NI effects on N2O emission
The accumulated N2O-N emission accounted for 0.72% of the applied 224 kg urea-N ha-1
in Louisiana pasture, which falls into the range of 0.1-0.91% for pastures in temperate region
(Misselbrook et al., 2014; Cardenas et al., 2019). This result in pasture was apparently much
lower than 8.3% found in cotton field, but comparable to 1.0% in wheat fields in the same
subtropical region (Tian et al., 2015; Liu et al., 2017). The fact that N2O emissions from pasture
were lower than cropland was also observed in tropical soil (Petitjean et al., 2019) and temperate
soil (Helfrich et al., 2020). This difference could be explained from various managements effects
such as tillage, which changes soil porosity, aeration, moisture and microbial activities. Tillage
in croplands lead to exposure of easily degradable substrates in short term and soil compaction in
long term, which likely contributed to the observed high N2O emissions (Yamulki and Jarvis,
2002; Müller and Clough, 2014).
Application of DCD in this study reduced N2O emission by 76%, which was similar to
the reduction efficiencies of 75% and 87% for cotton and wheat fields, respectively, under urea
fertilization in this subtropical region (Tian et al., 2015; Liu et al., 2017). Although the
magnitude of N2O emission was different in 2016 and 2017, DCD significantly reduced N2O
emission in both years. Comparing to other studies in temperate pastures, which showed N2O
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(a)

(b)

Figure 3.5. Biplot of principal component analysis for soil abundance (nmol g-1 soil) of PLFAs
profiles (a) and their associated microbial groups (b) two weeks after fertilization. (G+: Gram
positive bacteria; G-: Gram negative bacteria; AMF: arbuscular mycorrhizal fungi).
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reduction efficiency ranges of 58%-69% and 37%-82% from urea and urine applications,
respectively (Misselbrook et al., 2014; Di and Cameron, 2006; Zaman and Blennerhassett, 2010),
these results suggested that DCD has greater potential to mitigate N2O emission in subtropical
pastures despite large climate variability between 2016 and 2017.
Application of DMPP at 1 kg ha-1 rate yielded 67% reduction in N2O flux, which was at
the higher range of 37-69% reported for its suppression on N2O emission from urea and manure
applications in various cropping systems under temperate climate (Weiske et al., 2001; Merino et
al., 2005; Liu et al., 2013), but at the lower end of the 60-90% range found under tropical climate
(De Antoni Migliorati et al. 2014; Soares et al. 2015). Compared to 15-30 kg DCD ha-1,
application rates of 0.5-1.5 kg DMPP ha-1 (or about one-tenth rate of DCD rate) had been
commonly used. Previous research showed that DMPP was more effective for mitigation of N2O
emissions from agricultural fields than DCD when applying at the same rate (Zerulla et al.,
2001). Others also noted that DMPP application at one tenth of DCD rate was better than DCD
on inhibition of N2O emission from row crops (Weiske et al., 2001). On the other hand,
laboratory incubation showed that DMPP rate need to be one quarter and one third of DCD rate
in order to achieve comparable efficiency (Liu et al., 2013; Kou et al., 2015). In our study, the
efficiency of DMPP at 1 kg ha-1 was slightly less than DCD at 10 kg ha-1 rate for N2O reduction
(67% vs. 76%). This suggests that a higher application rate of DMPP may be required to achieve
comparable N2O reduction efficiency of DCD in southern subtropical region. The DMPP is more
soluble, less adsorbed to soil, and therefore more easily subjected to leaching than DCD
(Marsden et al., 2016), which could lead to greater dissipation of DMPP under humid climate
such as in tropical and subtropical region. On the other hand, greater sorption of DCD to soil
matrix may protect it against microbial degradation (Barth et al. 2001). Additional research may
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be needed in order to optimize the rate of DMPP application in pasture and other cropping
systems in subtropical region of U.S.A. On the other hand, both DCD and DMPP were found to
have little reduction in N2O emission from cropping systems such as sugarcane and corn, when
the soil moisture was low and limited overall N2O emissions (Parkin and Hatfield, 2013; Wang
et al., 2016). These results suggest that DMPP can be used as an N2O mitigation technique in
humid subtropical regions, but its effectiveness likely depends on rain pattern and vegetation
types.
3.4.2. NI effects on runoff and leaching loss of N
As another major N loss pathway, NH4+ and NO3- loss through runoff accounted for 0.11.5% and 0.4-3.6% of applied urea, respectively. In the two years of observation, total N loss
through runoff was 0.5-5.1% of urea-N applied, which is less than 6-10% reported by others in
pasture fields with greater ground slopes and runoff volumes (Kilmer et al., 1974; Sharpley et al.,
1983). Despite the volume difference, about 70% of inorganic-N in runoff from urea treatment
was in NO3- form, similar to NO3--N loss from N fertilized fields reported in other runoff studies
(Kilmer et al., 1974; Sharpley et al., 1983; Kleinman et al., 2006). Application of DCD and
DMPP shifted the ratio of NH4+/NO3- presence in runoff, by reducing 83% and 65% of NO3concentrations, respectively, but not reducing NH4+. Yu et al. (2015) also reported that DMPP
decreased NO3- in runoff by 30-43% based on a rain simulation study.
In this study, maximum N loss through leaching was estimated based on the maximum
possible drainage volume regardless of evapotranspiration. The N loss through leaching could be
overestimated, since evapotranspiration rate could be as high as 4 mm day-1 in pasture fields in
the summer (Eastham and Rose, 1988). Nonetheless, N loss through leaching was lower than that
through surface runoff. In 2017, the N loss through runoff accounted for 5.1% of the urea-N
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applied, while maximum N loss through leaching accounted for 2.9%, mainly in the form of
NO3- (Fig 4). This NO3- leaching loss was similar to pasture without grazing (Dougherty et al.,
2016). The NO3- leaching loss was lower than those reported for pasture under grazing (6-24 kg
N ha-1), since excreta from grazers could contribute the major N leaching (Eckard et al. 2004; Di
and Cameron, 2006). The application of DCD and DMPP reduced NO3- leaching by 89% and
93%, respectively. These results were higher than the 76% reduction of NO3- leaching loss by
DCD in urine N applied pasture (Di and Cameron, 2006), 45-57% in rice and rape fields as well
as 17-44% by DMPP in a column study (Wu et al., 2007).
Nitrogen inhibitor application was significantly effective in inhibiting NO3- loss from
southern subtropical pasture production. Although N losses through runoff and leaching were
low in this study (5.1% and 2.9% of the urea-N applied, respectively), 65-93% reductions of
NO3- by NIs were meaningful for improving water quality. Between the DCD and DMPP, the
application of DCD was more effective in reducing NO3- in runoff, while the application of
DMPP was more effective in reducing NO3- in leaching. Since the use of DCD in pasture has
been suspended in New Zealand after low levels of DCD were detected in dairy products, DMPP
could be considered as a substitute to DCD.
3.4.3. NI effects on NUE and yield
This study showed that DCD or DMPP application had no improvement in aboveground
biomass yield and NUE. This lack of effect of NIs on agronomic yields were also observed by
others for pastures (Merino et al., 2005; Dougherty et al., 2016; Cardenas et al., 2019), grain
cropping systems (Weiske et al., 2001; De Antoni Migliorati et al., 2014), and vegetable
productions (Pfab et al., 2012). Theoretically, yield improvement through NI addition may only
be seen if: 1) N in urea is the limiting factor to plant growth; and 2) the amount of N to be
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“saved” from NI application for plant use exceeds human errors in the experimental setup, thus,
a significant amount. There are several studies reported that NIs significantly increased NUE,
when N loss through leaching or denitrification was relatively larger than plant N uptake (Zaman
and Blennerhassett, 2010; Abalos et al. 2014). In this study, N loss through N2O emission (1.6 kg
ha-1), runoff (11.4 kg ha-1) and maximum leaching (6.5 kg ha-1) were small compared to the plant
N uptake (approximate 50 kg ha-1). The low N losses would indicate that NI’s potential to
increase NUE is small (Silveira et al., 2007; Rushing et al. 2019). Although we did not measure
loss of N from NH3 volatilization, studies from the same subtropical region reported that NH3
volatilization was not significantly affected by NIs in cotton and wheat (Tian et al., 2015; Liu et
al., 2017). Further study in pasture field is suggested, since NIs’ effect on NH3 volatilization in
pasture could be different from row crops.
3.4.4. NI effects on soil microbial community
PLFA profiling provided a real-time snapshot of soil microbial community after two
weeks of applying treatments. Urea treatment greatly reduced TMB as well as absolute
abundance of bacteria, fungi, and actinomycetes compared to the control. Correspondingly, there
was a significant increase in microbial environmental stress as evidenced by elevated cy/pre ratio
in urea treatment over the control (Table 3.2). Liu et al. (2015) also observed more
environmental stress of bacteria by N amendments. In fact, several studies reported declining
microbial biomass under N fertilization in field trials and laboratory incubations (Söderström et
a., 1983; McAndrew and Malhi 1992; Ge et al., 2010; Hu et al., 2010; Lupwayi et al., 2011).
These results indicate that soil microbes were not always limited by N, but likely by the changes
in the soil environment and N dynamics resulting from the application of urea. One direct effect
caused by N fertilization could be raising osmotic potentials above the toxicity limit of microbes
42

(Broadbent, 1965). The other possible environmental stress could come from NO2- accumulation
which is toxic to soil microorganisms (Bancroft et al., 1979). According to Bollag and Henninger
(1978), the NO2- accumulation could occur when urea hydrolysis takes place, which leads to an
abrupt increase in soil pH followed by NH4+ concentration and slows down the further oxidation
of NO2- to NO3-. In this study, we did not measure NO2- in soil, but NO2- accumulation had been
observed 6 days after N addition (Monaghan and Barraclough, 1993; Petersen et al., 2004a; Yu
et al., 2007). On the other hand, the negative impact of urea on TMB was significantly reduced
by application of DCD10 and DMPP1 (Table 3.2). An increased TMB by DCD application was
also observed in ammonium sulfate-treated soil (Watson et al., 2016). It was most likely due to
the effect of NI addition on N dynamics, since both DCD and DMPP could effectively inhibit
NH4+ oxidation to NO2- production (Yu et al., 2007; Watson et al., 2016; Ning et al., 2018).
Moreover, lower cy/pre ratio in NIs treatments than urea application demonstrated that adding
DCD10 and DMPP1 relieved the microbial environmental stress from urea fertilization (Table
3.2). The lack of difference in TMB between urea and urea with DCD1 treatments indicates that
DCD1 was not a sufficient dosage for the relief of microbial environmental stress. Additionally,
while soil microbial biomass is known to positively correlate to CO2 production (Martens, 1987),
we did not observe any treatment effect on CO2 emission among urea, urea DCD, and urea
DMPP plots (data not presented). This inconsistency between CO2 emission and TMB was likely
due to microbial respiration being overwhelmed by the much larger plant respiration during the
growing season (Hanson et al., 2000).
Although NIs changed absolute microbial biomass, DCD10 or DMPP1 did not shift the
relative fungal, bacterial, and actinomycete abundance as well as F/B (Table 3.2). A study of
DCD on grass soil treated with cattle slurry amendment showed similar F/B to that of no DCD
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treatment (Ernfors et al., 2014). These results suggest that DCD and DMPP addition do not
change soil composition of major microbial types. Several other studies based on grasses with
clover also reported that DCD and DMPP were specific enzyme inhibitor for ammonia oxidation
and did not affect other non-target microbial composition and enzyme activities in soil (Carneiro
et al., 2010; Guo et al., 2013; Kong et al., 2016). In addition, as the ratio of F/B can reflect the
soil C sequestration level and stability of an ecosystem (Boyle et al., 2008), the little change of
NIs on F/B suggests the low disturbance of the application of NIs on pasture agroecosystem.
On the other hand, our study clearly showed different magnitude of impacts on G+ and
G- bacteria by addition of DCD10 and DMPP1, which increased relative abundance of Gbacteria and decreased the ratios of G+/G- (Table 3.2). The G+/G− ratio is suggested as an
indicator of soil starvation stress (Hammesfahr et al. 2008). The lower ratio indicates the reduced
stress and improved nutrition with NIs, further shows the improved soil health by NIs.
Additionally, previous research has showed that G- bacteria respond differently from G+ to the
availability of organic substrates and G- bacteria are more dependent on labile C substrates than
G+ (Griffiths et al., 1999; Peacock et al., 2001; Fanin et al., 2019). Soil labile C availability is
likely to increase by adding NIs, especially DCD10 in this study, leading to decreased G+/G- due
to higher sensitive response of G- than G+ to labile C. In contrast, the suppression of NIs on Gand nitrifiers was also reported (O’Callaghan et al., 2010; Maienza et al., 2014; Fu et al., 2020).
For example, the decreased relative abundance of G- bacteria with DMPP was found in short
laboratory microcosm study of a Mediterranean soil growing Eucalyptus with bovine manure
(Maienza et al., 2014). Additionally, a transient decreasing of NH4+-oxidizing bacteria with DCD
was observed in cropping systems such as wheat (Fu et al., 2020). The DCD treatment also
significantly reduced the population size of NH4+-oxidizing bacteria in a pasture soil amended
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with bovine urine (O’Callaghan et al., 2010). However, the increase on G- community by PLFA
in this study may not necessarily reflect the increase on nitrifiers’ population, since NH4+
oxidizing (Nitrosomonas) and NO2- oxidizing (Nitrococcus) bacteria are only a very minor
component of G- community (Petersen et al., 2004b), and NH4+ oxidizing archaea are not
included in PLFA. On the other hand, the various effect of NIs on G- and nitrifers could be the
results of NIs interaction with different cropping systems since some cropping systems are
more involved in N cycling than others (Song et al., 2018; Norton and Ouyang, 2019; Chen et
al., 2020). Both inhibition and promotion effects of cropping systems on G- bacteria and nitrifies
have been observed (Hedlund, 2002; Kušliene et al., 2014; Liang et al., 2014; PaungfooLonhienne et al., 2017). Our results likely only reflected the impact of DCD and DMPP on soil
microbial community of a mixed pasture of bermudagrass, carpetgrass, and bahiagrass
commonly found in the Southern subtropical region.
Most studies investigated short-term effect of NIs on soil microbial community (Carneiro
et al., 2010; O’Callaghan et al., 2010; Maienza et al., 2014; Watson et al., 2016; Fu et al., 2020).
Long-term effect of NIs was found not significant in pasture soils in a 7-year study (Guo et al.,
2013). In this study, we deduced that the changes in TMB and microbial environmental stress
were results of short-term changing of NO2- level. Therefore, the soil microbial community were
expected to come back to their original states once the urea and NIs were dissipated. It suggests
that NI addition in the form of DCD10 or DMPP1 could relieve the microbial stress from urea
fertilization and improve soil health in pasture systems in the short-term. To track long-term soil
health changes with NIs’ application over time, repeated sampling in a longer period should be
conducted in future studies.
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3.5. Conclusions
The two-year experiment demonstrated NIs’ applications can effectively reduce the N
loss to the environment following urea-N fertilization in a subtropical pastureland. Both DCD
and DMPP significantly mitigated the majority of soil N2O emission which took place during the
first 15 days after fertilization. Although both NIs greatly reduced the proportion of N loss
through runoff and leaching water in rain events, the magnitude of N loss to environment was
small comparing to the plant N uptake. The low N loss in pastureland would indicate that NI’s
potential to increase yield is small. The addition of DCD and DMPP improved soil health
through increasing total soil microbial PLFA biomass and reducing microbial environmental
stress in short-term. Overall, applications of DCD and DMPP could be used as a mitigation
strategy for minimizing N2O emission without having a negative impact on soil microbial
community.
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CHAPTER 4. EFFECT OF UREASE INHIBITOR, NITRIFICATION
INHIBITOR, AND TEMPERATURE ON AMMONIA AND NITROUS OXIDE
EMISSIONS FROM POULTRY LITTER AMENDED SOIL
4.1. Introduction
Global meat production has increased rapidly and produced large quantities of animal
wastes over the past 50 years (Clark and Tilman, 2017). Animal waste such as poultry litter (PL)
contains multiple essential plant nutrients and can serve as a fertilizer for pasture and crop
productions (Bolan et al., 2010). In addition, application of animal wastes to farmlands serves as
a good source of organic matter that helps in improving various soil physic-chemical properties
(Rayne and Aula, 2020). To recycle these nutrients, poultry litter is commonly applied to the
nearby farmlands (Endale et al., 2010). However, the increasing usage of poultry litter in crop
production has raised the concern of environmental pollution, for instance, contributing to
ammonia (NH3) and nitrous oxide (N2O) emissions (Choi and Moore, 2008; Cabrera et al.,
1994). Ammonia released to the air can participate the process of PM2.5 formation (particulate
matter less than 2.5 μm), negatively affecting air quality (Baker and Scheff, 2007; Olszyna et al.,
2005). On the other hand, N2O is a potent greenhouse gas with about 300 times more warming
potential than that of carbon dioxide (CO2) (Shine, 2009). In addition to the environmental
pollution, loss of nitrogen (N) and other nutrients decreases the fertilizer value of the PL as well
as necessitates the higher application rates to meet crop demands (Bohara et al., 2018).
Unlike inorganic nitrogen (N) fertilizers that have a defined chemical composition, the N
component in PL can exist in various forms (Bolan et al., 2010). Nitrogen in the PL is
predominantly in organic form while a significant portion also present as urea and uric acid
(Bolan et al., 2010; Rogeri et al., 2015). Soil microorganisms can fully decompose urea and uric
acid to NH3 in several steps, which are all catalyzed by enzymes (Lee et al., 2013). Within these
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enzymes, uricase and urease are the two enzymes that could influence the rate and amount of
NH3 volatilization from urea and uric acid in PL (Kim and Patterson, 2003; Cardoso et al., 2018;
Sigurdarson et al., 2018). Besides urea and uric acid, PL also have appreciable amounts of N as
ammoniacal N (NH4+ and NH3), which can be readily volatilized as NH3 (Nahm, 2003). The total
ammoniacal N of PL can range from 8 to 22% of total N in PL, depending on many factors such
as animal category, feed composition, material used for bedding and length of stocking (Rogeri
et al., 2015; Meisinger and Jokela, 2000; Choi and Moore, 2008). Ammonia from ammoniacal-N
pool or decomposition of urea and uric acid not only can be lost through volatilization, but it can
also be lost as N2O emission through nitrification and denitrification process (Bolan et al., 2010).
Previous studies have showed wide ranges of N losses from field applied PL as NH3-N
(0.13 to 31%) and N2O -N (0.2 to 4.5 %) (Choi and Moore, 2008; Sharpe et al., 2004; Bohara et
al., 2018; Cabrera et al., 1994; Thornton et al., 1998; Sistani et al., 2011). The amount of N gas
emissions can vary under different environment conditions, and the emissions usually increase
with increasing of soil temperature and moisture (Nahm, 2003; Fan et al., 2011; Cassity-Duffey
et al., 2015; Smith et al., 1998). Past research has shown that use of N-stabilizers such as N-(nbutyl) thiophosphoric triamide (NBPT), a urease inhibitor, and dicyandiamide (DCD), a
nitrification inhibitor, were effective in minimizing N losses from field applied inorganic N
fertilizers such as urea and urea ammonium nitrate through N gas emissions; recently, their use
with animal wastes including PL was proposed to minimize N losses (Cardoso et al., 2018; Meng
et al., 2021; Francisco et al., 2011; Lasisi et al., 2020; Cantarella et al., 2018). NBPT inhibits
urease enzyme activity that slows urea hydrolysis process, which has a great potential of
delaying the conversion of PL’s uric acid/urea to NH3 (Cantarella et al., 2018). On the other
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hand, DCD inhibits transformation of NH4+ to NO2- in nitrification process, which could
minimize N2O emissions from PL (Halvorson et al., 2014; Ning et al., 2018).
Appreciable amount of research was held on determining the efficacy of NBPT and
NBPT+DCD to minimize N-losses from inorganic fertilizers. Research showed contradicting
effect of NBPT on N-loss through N2O emission. Applying NBPT with urea reduced N2O from a
cotton field (Tian et al., 2015). While in an incubation study, NBPT increased N2O emission
from urea in alkaline soil (Fan et al., 2018). There were only a few studies that have evaluated
the effect of NBPT and DCD on NH3 and N2O from PL. Adding NBPT to PL reduced N loss by
6.6 to 13.5% in a compost experiment (Zhang et al., 2010). In a two-year field study, PL with
NBPT had lower NH3 volatilization and N2O emissions compared to PL only, however the
decrease was significant only in one of the two-years (Bohara et al., 2018). There is even less
research investigated the effect of applying NBPT and DCD together in PL. Studies showed that
although N2O emission was reduced with the addition NBPT + DCD, NH3 emission was higher
compared to applying NBPT alone (Kim et al., 2012; Zaman et al., 2008). Further, minimal
information is available on how the temperature effects the efficacy of these N-stabilizers,
especially for PL. Hence, a systematic evaluation of N-losses through N-gas emission at different
soil temperatures is needed for the effective use of NBPT and NBPT+DCD to enhance the Nfertilizer value of PL.
The objectives of this study were: (1) To investigate the effect of soil temperatures on
NH3 and N2O emissions from PL. (2) To evaluate the effects of NBPT and NBPT+DCD
applications on NH3 and N2O emissions at two soil temperatures.
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4.2. Materials and Methods
4.2.1. Materials and experimental design
Soil samples were collected from 0-15 cm depths of a pasture field in Kinder, LA
(30°29′38″ N latitude, 92°51′20″ W longitude) in May 2018. The soil type was a Kinder silt
loam (fine-silty, siliceous, active, thermic Typic Glossaqualfs). Poultry litter used in the study
had a N content of 2.7% and was applied to soil at a rate of 200 kg N ha-1. Three N stabilizer
treatments were applied, including: (1) PL: soil amended with PL; (2) PL+ NBPT: soil amended
with PL and NBPT at a rate of 2 kg ha-1 as Agrotain DriMaxx (Koch Agronomic Services LLC,
Wichita, KS) that contains 60% NBPT; (3) PL+ NBPT+DCD: soil amended with PL, NBPT at a
rate of 0.22 kg ha-1, and DCD at a rate of 2.7 kg ha-1 as Agrotain Plus (Koch Agronomic Services
LLC, Wichita, KS) that contains 6.5% NBPT and 81% DCD. The application rate of Agrotain
DriMaxx and Agrotain Plus were set as the commercially recommended rate by Koch LLC.
Five hundred grams of air-dried soil and 80 mL of deionized water were pre-incubated
for 48 hours in a glass jar of 8.9 cm in diameter and 15 cm tall. Poultry litter was then added to
soil surface, and N stabilizers were sprayed to soil surface after being dissolved in 10 mL
deionized water. Following, incubation jars were capped and connected to gas collection units.
The jars were grouped and kept in two thermostatic chambers under two temperatures: 23oC and
30oC. All treatments were replicated three times. Incubation was carried out for four weeks. This
was based on the past research from this region that showed majority of the emissions occur in
the first four weeks of N application. Further, both the N-stabilizers have a half-life of two to
four weeks (Cantarella et al., 2018; Di and Cameron, 2004).
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4.2.2. Measurement of NH3 volatilization and N2O emissions
During the 26-day incubation period, NH3 volatilization was monitored every day before
day 12 and every other day from day 12 to day 26, using an active chamber sampling technique
(Fig. 4.1) (Tian et al., 2015). The airtight lid of the incubation jar had an inlet connected to
outside air and an outlet connected to NH3 collecting unit using Teflon tubing. During sampling,
outside air was first pumped through a bottle of citric acid solution to remove any NH3, then into
the incubation jar to flush the volatilized NH3 out. The volatilized NH3 was then trapped in an
impinger that contained dilute phosphoric acid solution. Concentrations of ammonium (NH4+)
ion in solutions from the impinger were analyzed using a LaChat flow injection system with
inline colorimetry (LaChat Instruments, Loveland, USA). The NH3 flux was calculated based on
NH4+ concentration in the trap solution, trap solution volume, flush duration, and soil surface
area in the incubation jar.
N2O emission was monitored every other day by obtaining gas samples. At each
sampling event, the headspace was firstly flushed with air through the inlet and outlet on the lid
of the incubation jar followed by closing the inlet and outlet to allow the soil N2O emissions
accumulate in the headspace. Then 15 mL headspace gas samples were collected at 0 and 4 hours
using a syringe through a septum on the lid and transferred to pre-vacuumed 15 mL vials. N2O
concentrations were then measured using a Varian 3800 gas chromatography (GC) (Varian Inc.,
Palo Alto, CA). The difference between 0 and 4-hour results was determined as the N2O flux.
Soil moisture of the jars were maintained by keeping the air moisture at dew points during
incubation.
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4.2.3. Statistical Analyses
Cumulative NH3 volatilization and N2O emissions for each treatment were calculated by
linear interpolation of the measured daily fluxes (Meng et al., 2021). Treatment effects on
cumulative NH3 and N2O emissions were analyzed using one-way ANOVA based on GLIMMIX
procedure of the SAS software (SAS Institute, Inc., Cary, NC). When ANOVA test was
significant, individual treatment effects were assessed by Tukey’s least significant difference
(LSD) at an α < 0.05 level.

Figure 4.1. Photos of the thermostatic active chamber for NH3 collection during incubation.

4.3. Results and discussions
4.3.1. Ammonia volatilization
Soil temperature had a significant influence on NH3 emissions from all three treatments
(Fig. 4.2). At 30oC, NH3 flux was first shown on day 5, then reached peak emissions on day 12 at
105 g N ha-1 day-1. From day 12 to 26, NH3 flux steadily dropped to approx. 30 g N ha-1 day-1
and remained higher than the treatments at 23oC. Ammonia flux at 23oC followed a similar trend
as 30oC with generally lower intensity. Similar to 30oC, emissions reached maximum on day 12
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at 23oC (32 g N ha-1 day-1). During the 26-day incubation period, cumulative NH3 volatilization
accounted for 0.2% and 0.5% of total N in PL at 23oC and 30 oC, respectively. Overall,
cumulative NH3-N volatilization from PL was 61% higher at 30oC than 23oC (Table 4.1). Most
poultry litter incubation studies reported that increasing temperature from 20oC to 30oC increased
the cumulative NH3 loss and the rate of NH3 volatilization (Fenn and Kissel, 1974; Fan et al.,
2011). Since the optimum temperatures of uricase and urease activities are 35 oC, and 65 oC,
respectively (Bongaerts et al., 1978; Bhagat and Virdi, 2009; Khucharoenphaisan and Sinma,
2011), PL released more NH3 at 30oC than it was at 23 oC as per our hypothesis.
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Figure 4.2. Temporal NH3-N emission from poultry litter (PL) incubated with NBPT and
NBPT+DCD at 23oC (a) and 30oC (b). Bars indicate standard errors among replicates.
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Nitrogen stabilizer treatments did not show significant influence on NH3 volatilization
from PL under the studied conditions. At 30oC, temporal emissions of NH3 were slightly lower
with N-stabilizers than PL alone, especially in the initial 12 days of incubation and after those
emissions were almost indistinguishable among the treatments (Fig. 4.2). At 23oC, neither NBPT
nor NBPT+DCD showed reduction in NH3 flux intensity. Further, after day 5, PL+NBPT and
PL+NBPT+DCD had higher emissions than PL, until the flux of all three treatments decreased to
5.5 g N ha-1 day-1 on day 26. Overall, NBPT had no significant effect on cumulative NH3-N
emission at 23oC and 30 oC, and cumulative NH3-N emission was even increased when adding
NBPT+DCD at 23oC (Table 4.1).

NBPT have been found to show good reduction in NH3 emissions from pure urea
fertilizer (Francisco et al., 2011; Lasisi et al., 2020; Cantarella et al., 2018), but the inhibition
effect on NH3 emission did not show significant effect in PL which contains predominantly
organic forms of N. This result is consistent with other studies, who reported NBPT had no
significant influence on NH3 volatized from PL treated soil, when the volatilized NH3 was only
small portion (0.13 to 2.5%) of total N in PL (Bohara et al., 2018; Lourenço et al., 2016). NH3
volatized in this study comprised 0.20 to 0.52% of total N in PL, so the small loss of N could
limit the potential of NBPT’s effectiveness on mitigation of NH3 emissions. Another possible
explanation is that NH3 volatilized from PL could be mostly from the pre-existing ammoniacal N
pool (NH4+ and NH3). Since NH4+ is the most preferential N source for soil microbes, in order to
save energy, the process of uric acid breakdown and further urea hydrolysis are repressed in the
presence of NH4+ (Vogels and Van Der Drift, 1976; Lee et al., 2013). As an urease inhibitor role
is to delay urea hydrolysis and decrease soil NH4+/NH3 concentrations, our results suggest the
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effect of NBPT could be very little on reducing NH3 volatilization from animal manure that
already contains relative high level of ammoniacal N.
On the other hand, NBPT+DCD increased NH3 emission by 32% at 30oC. Although there
is a study found NBPT+DCD reduced NH3 emission with cattle urine, the reduction by
NBPT+DCD is less than NBPT alone (Zaman et al., 2008). DCD could offset the beneficial
effect of NBPT in reducing NH3 volatilization, and DCD was widely reported stimulating NH3
emission in field and lab incubation experiments (Kim et al., 2012; Zaman et al., 2008; Tian et
al., 2015; Asing et al., 2007; Soares et al., 2012). For examples, DCD increased NH3 emission by
9 to 56% with urine application in grazed pasture of New Zealand (Zaman et al., 2008).
Application of DCD to a subtropical cotton field increased NH3 emission by 16% over urea
fertilizer (Tian et al., 2015). And in a laboratory incubation experiment, applying DCD resulted
in significant increase of NH3 emission with both urea and manures (Asing et al., 2007).
Nitrification inhibitors such as DCD suppress the oxidation of NH4+ to NO2- by blocking activity
of NH3 monooxygenase (Ning et al., 2018). Longer time of NH4+ remaining in soil could be the
mechanism of increasing in NH3 emission with nitrification inhibitors (Kim et al., 2012; Zaman
et al., 2008; Soares et al., 2012). Our results further demonstrated the negative effect of DCD on
NH3 mitigation from animal manure.
Table 4.1. Cumulative N2O-N and NH3-H emission during a 26-day-period incubation at 23oC
and 30oC.
NH3-N emission
N2O-N emission
Treatments
23 oC
30 oC
23 oC
30 oC
-----------------------------g ha-1-------------------------PL
407b†
1043a
258b
127b
PL+NBPT
562ab
1049a
430a
298a
PL+NBPT+DCD
600a
1002a
9c
30c
† Letter designations indicate significance in the row using Tukey’s LSD comparison (α < 0.05).
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4.3.2. Nitrous oxide emission
The temporal N2O emission under two incubation temperatures were shown in Fig. 4.3.
Without N stabilizer application, the first peak of N2O emission from PL appeared earlier at the
higher incubation temperature, as it was on day 10 at 30oC and on day 16 at 23oC, with peak
values of 55 and 41 g N ha-1 day-1, respectively. The N2O emission also weakened sooner at
higher incubation temperature on day 18, compared to the 23oC treatments where 3 g N ha-1 day1

was still detected on day 26. Cumulative N2O-N emission from PL was generally 3 to 4-fold

less than NH3-N volatilization. N2O emission accounted for 0.13% and 0.06% of total N in PL at
23oC and 30oC, respectively. Despite the early appearance of flux, the 30oC treatments had 51%
less cumulative N2O-N emission from PL compared to the 23oC treatments. Hence, higher
temperature did not result in higher N2O emission rates, but accelerated the emission process,
which led to earlier start and finish. This could be attributed to the fact that a rise in temperature
increases N2/N2O ratio in denitrification products, leading a more thorough denitrification
(Bergstermann et al., 2011; Maag and Vinther, 1996). Our results suggest increasing temperature
did not necessarily increase N2O emission, but different temperatures may influence N2O
emission timing.

Nitrogen stabilizers significantly influenced N2O emission from PL (Fig. 4.3). Amending
NBPT did not show any sign of N2O emission reduction at either temperature, on the contrary,
the flux from PL+NBPT lingered for a longer period with higher intensity than PL alone. As a
result, using NBPT significantly increased cumulative N2O-N emission from PL by 40% at 23oC
and 57% at 30oC (Table 4.1). There were several studies that observed stimulation of N2O by
NBPT application. For instance, the emission factor of urea was higher with NBPT application in
a grassland in Ireland (Rahman et al., 2021). NBPT was observed behaving differently in soil
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with different pH, where NBPT stimulated ammonia oxidizers and increased N2O emission in
alkaline soil (Fan et al., 2018). Since amending PL usually resulted in an increase in soil pH
(Moore and Edwards, 2005; Reddy et al., 2008), our results suggest caution should be taken
when using NBPT with animal manures, considering the green-housing effects of N2O on
environment.
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Figure 4.3. Temporal N2O-N emission from poultry litter (PL) incubated with NBPT and
NBPT+DCD at 23oC (a) and 30oC (b). Bars indicate standard errors among replicates.
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The combined use of NBPT and DCD showed very strong inhibition on N2O emission
from PL, as the N2O flux was negligible during the 26-day period under 23oC, and only appeared
one time at very low flux at (1.7 g N ha-1 day-1) on day 10 at 30oC, when PL and PL+NBPT were
at their peak value at 20 and 58 g N ha-1 day-1, respectively (Fig. 4.3). The overall emission
reduction from NBPT+DCD were 97% at 23oC and 76% at 30oC (Table 4.1). It is reasonable to
state that the strong inhibition effect was from the addition of DCD that inhibit/ minimizes the
nitrification of NH4+ ions. This finding was similar to many past research studies that reported
DCD application reduced N2O emissions from urea and urine to background level and efficacy
last more than 40 days (Tian et al., 2015; Meng et al., 2021; De Klein et al., 2011; Simon et al.,
2018; Di and Cameron, 2006). However, higher temperature seemed to limit the performance of
DCD, which may be due to a faster DCD degradation rate (Rajbanshi et al., 1992). Similar to this
study, a reduction in effectiveness of DCD on N2O under high temperature was observed from a
few other incubation studies as well on inorganic N-fertilizers (Suter et al., 2010; Irigoyen et al.,
2003; Williamson et al., 1996). This result showed the great potential of DCD on N2O mitigation
from PL, but the efficacy decreases at higher soil temperatures.

4.4. Conclusion
The results of this study demonstrated effects of temperature, urease inhibitor, and
nitrification inhibitor on N-loss as NH3 and N2O in soil with PL amendment. With the same
initial soil moisture, the temperature was positively related to NH3 volatilization, while
negatively related to N2O emissions. Urease inhibitor NBPT did not reduce either NH3 or N2O
emission from PL. Lack of response of NH3 volatilization in NBPT treatment could be due to
small percentage of NH3 emitted from total N in PL, or high levels of ammoniacal N pre-existing
in PL. NBPT significantly increased N2O emission, which could be related to the alkaline
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environment brought by PL amendment. Combining the use urease inhibitor and nitrification
inhibitor as NBPT+DCD significantly reduced N2O emission from PL, and the effectiveness was
higher at 23oC than 30oC. However, Compared to NBPT, cumulative NH3 at 23oC was higher in
NBPT+DCD, indicating DCD could offset the beneficial effect of NBPT in reducing NH3
volatilization when PL was surface applied. Neither NBPT nor NBPT+DCD were effective in
mitigating N-loss through gas emissions from PL under the studied incubation conditions. For
animal manure as PL that contain various form of N, N gas emission may come from different N
pools and is influenced by various environmental factors, thus more evaluations of urease
inhibitors and nitrification inhibitors on N gas loss should be done under different soil
temperature, moisture, and pH.
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CHAPTER 5. NITROGEN LOSS FROM WINTER COVER CROP IN WARMSEASON PASTURES AND A POTENTIAL MITIGATION PRACTICE
5.1. Introduction
Warm-season perennial bermudagrass (Cynodon dactylon L.) is the primary species that
provides forage grazing or hay harvesting for livestock production in the southern U.S. The
bermudagrass pasture normally has a short growth season, from April through September, and it
requires high soil nitrogen (N) supply (Han et al., 2012). Within the southern U.S., common N
fertilization rates range from 135 to 336 kg ha-1 per single season for bermudagrass hay
production (Duble 1996; Funderburg and Twidwell 2000; Redfearn et al., 2016). Due to the
known drawbacks of mineral N fertilizers such as consuming nonrenewable energy, high cost,
and causing environmental pollutions, there has been increasing interests in developing lowinput sustainable agriculture systems in U.S. (Lüscher et al., 2014; Ledgard and Steele, 1992;
Meena et al., 2018; Ness et al., 2010; Tian et al., 2020). Forage legume such as clover has the
potential to mitigate environmental problems by lowering the need for mineral N fertilizer.
Recent studies have also showed that legumes can improve soil health for sustainable production
(Franzluebbers et al., 2014; Dhakal and Anowarul Islam, 2018; Pena-Yewtukhiw et al., 2017).
Several species of clover have been evaluated their adaptability and contributions to
forage yield and quality under various conditions. Among them, “Durana” white clover
(Trifolium repens L.) has been recognized as its better performance and persistence in southern
region than other clover varieties (Bouton et al., 2005). A pure stand of white clover pasture can
contribute 55-296 kg N ha-1 yr-1 under grazed condition (Ledgard and Steele, 1992). For a mixed
legume/grass pasture, transfer of bio-fixed N from legumes to associated grass occurs through
root excretion and decomposition of foliage, nodules and roots (Ledgard and Steele, 1992).
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Although white clover is already a common feature within bermudagrass pastures in
southern U.S. region (Brink et al., 1999). There is little information about white clover’s N
transfer rate and fertilizer replacement ability as a winter cover crop in a bermudagrass forage.
Limited studies focused on N transfer rate of white clover N within bermudagrass growing as
turfgrass scenarios, which is different from the forage production that removes biomass regularly
(Sincik and Acikgoz, 2007; McCurdy et al., 2013; McCurdy et al., 2014). According to McCurdy
et al (2014), white clovers’ N fixation could fix 66 kg N ha-1 yr-1 and contributed 24% of total
bio-fixed N to warm-season turfgrass in southeastern region. While white clover could fix
greater than 250 N ha-1 yr-1, but only 4.2-13.7% of that N transferred to cool-season turfgrass
(Sincik and Acikgoz, 2007). In general, the bio-fixed N contribution and transfer rate varies,
depending on how well the legume/grass systems synchronize bio-fixed N mineralization and the
N demands of grass (McCurdy et al., 2013). Annual ryegrass (Lolium multiflorum), a coolseason grass, is commonly overseeded with white clover as a companion grass. Research has
shown that overseeding ryegrass into winter cover crops may improve synchronizing N
mineralization and N demands of grass through capturing excess soil N during cool season and
enhance the fertility for subsequent crops (Kuo and Jellum, 2002; Hauggaard-Nielsen et al.,
2012). In addition, compared to other pasture species, white clover with companied ryegrass had
lower NO3- leaching losses (Malcolm et al., 2015).
Similar to almost any types of fertilizers, legume cover crops benefit the growth of
bermudagrass, while the decomposing bio-fixed N unenviably contributing to N loss (Hochman
and Helyar, 1989). Through pathways of N2O emission, NO3- in runoff and leaching, the N loss
from cover crops could pollute the environment (Sprosen et al., 1997; Ledgard et al., 1999).
Several studies have compared negative environmental impacts of bio-fixed N with mineral
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fertilizers. Li et al. (2011) and Andrews et al. (2007) found that white clover/ryegrass N releases
less N2O to the atmosphere than fertilized ryegrass, while others reported that legume residue
had the same N2O emission factor as urea (Gomes et al., 2009). Despite the different results, few
studies have considered total N input and biomass productivity while comparing N loss from
different N sources. Available studies showed when mineral N fertilizer and legume plant
residuals as green manure were applied to the field, it is the total N input, rather than the types of
fertilizers, mainly determines the amount of N loss through leaching (Sporsen et al., 1997;
Ledgard et al., 2009; Chapman et al., 2018). However, there has been no systematic investigation
on legume cover crops-induced N loss through N2O emissions, water runoff and leaching as well
as legume impacts on partial substitution of mineral N for hay production at similar total N
inputs.
Among different technologies to control N losses from agricultural fields, nitrogen
stabilizers such as nitrification inhibitors dicyandiamide (DCD) and 3,4-dimethylpyrazole
phosphate (DMPP) have been shown to significantly N2O emissions (Di and Cameron, 2006;
Misselbrook et al., 2014; Meng et al., 2021). Urease inhibitor N-(n-butyl) thiophosphoric
triamide (NBPT) has been found to effectively slowed down the hydrolysis of urea and
subsequently minimize loss of N by volatilization and oxidation into nitrate (Tian et al., 2015;
Liu et al., 2017). Nitrogen in plant residue also releases N2O after it subjected to a series of
biochemical reactions in soil: mineralization, nitrification and denitrification (Velthof et al.,
2002; Myhre et al., 2013; Basche et al., 2014). However, only limited studies on N stabilizer
effect were conducted on plant derived N which focused on the influence of nitrification
inhibitors on N2O emission from grass-clover residues and vegetable crop residues (Chaves et
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al., 2006; Nair et al., 2020). Therefore, it is necessary to evaluate the inhibition efficiency of
DCD, DMPP and NBPT in N2O emission from white clover as a potential source of N source.
The objectives of this study were: (1) Determine the potential of substituting mineral N
fertilizer with cool-season white clover as a cover crop on pasture production; (2) evaluate
combined N inputs of mineral N fertilizer, white clover and ryegrass on the N loss from runoff,
leaching, and N2O emission; and (3) investigate efficiency of N stabilizers on controlling N2O
emission from white clover mineralization.
5.2. Materials and Methods
5.2.1. Field experiment of bermudagrass pasture with winter cover crops
5.2.1.1. Field site properties
A 2-year field experiment was conducted from 2017 through 2018 in a pasture field in
Baker, LA (30°36′14″ N latitude, 91°10′5″ W longitude). The annual average temperature was 20
o

C, and the annual average precipitation was 1,570 mm. The daily mean air temperature and

precipitation during measurements were presented in Appendix B Fig. B.1 (Data obtained from
National Weather Service Forecast Office). Before the establishment of this experiment, the field
was a pastureland and kept unfertilized and non-grazed for up to five years. The overall slope in
the field was less than 5%. The warm-season pasture consists majorly common bermudagrass
(Cynodon dactylon L.), with less than 20% of carpetgrass (Axonopus fissifolius) and bahiagrass
(Paspalum notatum Flugge). The soil at this site is Oprairie Silt (Fine-silty, mixed, semiactive,
thermic Fragiaquic Glossudalfs). The maintenance of field followed the common practices of
Bermudagrass hay production in Louisiana (Han and Twidwell, 2017). A blanket application of
P2O5 (54 kg ha-1) and K2O (80 kg ha-1) was carried out each year in late October or early November
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after harvesting the biomass. The rates of P and K were recommended by the Louisiana State
University Agricultural Center Soil Testing Laboratory.
5.2.1.2. Treatments
Experimental plots were established to evaluate the effects of winter cover crops
inclusion and supplemental N rates on warm-season bermudagrass. Treatments were arranged as
a randomized block design with each plot being 10 m2 in area (4 by 2.5 m), and a 2 m buffer
zone was used to separate plots from each other. Winter cover crop species: Durana white clover
(Trifolium repens L.) and annual ryegrass (Lolium multiflorum) were overseeded in preexisting
grass through broadcasting in October of 2016 and 2017. The seed rates were 4.5 kg ha-1 for
white clover and 33.6 kg ha-1 for annual ryegrass. The experiment included five treatments: (1)
CLT: control with no winter cover crops and 0 N rate, (2) WC: white clover was planted as
winter cover and 0 N rate, (3) WCR: white clover and ryegrass were planted and 0 N rate, (4)
WC112N: white clover was planted and the bermudagrass received 112 kg N ha-1 yr-1 as urea, (5)
224N: no winter cover crops was planted and bermudagrass received with 224 kg N ha-1 yr-1 as
urea. Urea was broadcasted, and the N fertilization was split into two applications of equal
amounts in late-May/early-June and in mid-August, which was approximate 50 days before
harvesting. White clover and clover ryegrass mixture were not terminated while summer grass
started to grow, but they gradually disappeared as bermudagrass grew tall. All field treatments
were replicated four times. Gas emission, runoff and leachate were monitored right after each N
fertilization event.
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5.2.1.3. Aboveground biomass yield
The hay of warm-season grass was harvested twice per growth season during the peak
growth period of bermudagrass in Louisiana. The aboveground biomass was harvested manually
by mowing down to 5 cm on July 10th and September 26th in 2017, and on July 20th and September
20th in 2018. The aboveground biomass from 1 m2 quadrat was collected for estimating biomass
yield after drying in oven at 50oC. In addition, dried plant matter was ground, and then analyzed
for total C and N using a Vario EL cube Elemental Analyzer (Elementar Co., Germany) via
combustion. The pasture N yield was calculated as: biomass yield x total N concentration of the
biomass.
5.2.1.4. N2O emission measurement
Gas emission was monitored after each of two split N fertilizations till harvest of biomass
(two harvests each season) based on a modified closed chamber method (Bekku et al., 1995;
Meng et al., 2021). Specifically, the monitoring periods were from May 26th to July 4th and from
August 14th to September 24th in 2017, from June 4th to July 18th in 2018 and from August 7th to
September 18th in 2018. During each monitoring period, gas samples were collected every other
day in the first 2 weeks and then gradually decreased during the later period. Chambers with
headspace volume of 25.75 L were installed and duplicated in each plot. For each sampling, 15
ml headspace gas samples were taken into pre-vacuumed vials at 0 min, 30 min, and 60 min after
the chamber is closed, and transported to the laboratory for analysis (Tian et al., 2015). N2O
concentrations were measured by using a Varian 3800 gas chromatography (GC) (Varian Inc.,
Palo Alto, CA) equipped with a capillary column (27.5 m x 0.53 mm) and electron capture
detector (ECD). The injector, methanizer, and detector temperatures were kept at 60°C, 450°C,
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and 250°C, respectively. The GC was calibrated using N2O standards purchased from Scotty
specialty gases (Scotty Gas, Plumsteadville, PA). In addition, during each sampling, a soil
sample was taken and measured for gravimetric water content by oven-drying at 105 0C, and soil
temperature was measured using a thermometer. Cumulative N2O emissions for each plot were
calculated by linear interpolation of the measured daily fluxes (Meng et al., 2021).
5.2.1.5. Characterization of NH4+ and NO3- in runoff and leachate
Runoff was monitored in the same period as gas. Leaching was monitored after the first
fertilization of 2017 from May 26th to July 4th. Runoff water samples were collected after each rain
event by installing a stainless metal frame collection system (a square with 60 cm side length, 20
cm in height) at the edge of each plot (Gaston et al., 2003). The collection system contains a trough
(10 cm wide) on one side of the collection frame, and the trough was orientated toward the
downslope side of each plot so that the other three sides of the frame served as barriers to converge
surface runoff water into a 30 L water collection chamber that was buried at the side of each plot.
During rain events, runoff water collected in the frame area was drained into the collection
chamber by gravity. Runoff volumes were measured using a graduate cylinder, and water
subsamples were taken from the collection chamber after each rain event.
Leachate samples were collected by suction-based lysimeters (Soil solution access tube,
Irrometer Co., Riverside, CA). Two lysimeters were installed in each plot with the ceramic tip
placed at depths of 30 cm. Each lysimeter consisted of a sealed plastic (butyrate) tube with a rubber
stopper on top and a porous ceramic tip on the bottom end. After each rain event, approximately
70 to 80 centibars of vacuum was applied with a hand vacuum pump connected to a suction tube
that was placed through the rubber stopper. Soil leachate was drawn into lysimeter through the
ceramic tip and was collected using a syringe 4 to 8 hours after applying vacuum.
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All collected runoff water and leachate samples were filtered through 0.45 µm PTFE
membrane syringe filters (VWR International. LLC, PA) and analyzed for NH4+ and NO3concentrations using a LaChat flow injection system with inline colorimetry (LaChat Instruments,
Loveland, USA).
The cumulative load of NH4+-N and NO3--N in runoff water were calculated as:
∑ (concentration of NH4+-N or NO3--N in runoff × runoff volume) per area. Estimation of
maximum loss of NH4+-N and NO3--N through leaching was calculated as ∑ [concentration of
NH4+-N or NO3--N in leachate × (precipitation volume – runoff volume)], where (precipitation
volume – runoff volume) is the estimation of potential maximum leaching volume.
5.2.2. Laboratory incubation of clover biomass matters with N stabilizers
Soil was collected from the surface layer (0-15 cm) of non-treated plots from the same
site as the field experiment. The field moist soil was passed through a 4mm sieve to remove root
materials, surface litter, and rocks. White clover was harvested from the pure stand of white
clover plot in April at the same site, and then the white clover biomass was dried in oven at 50oC
followed with grinding to a size less than 5 mm.
Six treatments were applied, included: (i) Soil control: a soil control that without
amendment nor N stabilizers, (ii) Clover: soil mixed with white clover biomass amendment, (iii)
Clover DCD 10%: soil mixed with white clover biomass amendment and 10% Dicyandiamide
(DCD), (iv) Clover DCD 100%: soil mixed with white clover biomass amendment and 100%
DCD, (v) Clover DMPP 10%: soil mixed with white clover biomass amendment and 10% 3,4Dimethylpyrazole Phosphate (DMPP), (vi) Clover NBPT: soil mixed with white clover biomass
amendment and N-(n-butyl) thiophosphoric triamide (NBPT).
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Thirty grams (oven-dry based) of moist soil and 2.8 g of clover dry matters (equivalent to
224 kg clover-N ha-1) were mixed in a modified Mason jar with the lid containing rubber gas
sampling septa. Soil-clover mixtures were pre-incubated for 5 days at room temperature (22 oC)
under field capacity (66% gravimetrical soil moisture). All N stabilizers were applied by
dissolving in water followed by spraying soil surface. The DCD (from Sigma-aldrich corp. USA)
was added as 10% (equivalent to 22.4 kg ha-1) or 100% (equivalent to 224 kg ha-1) of clover-N
amended, while the DMPP (from Sigma-aldrich corp. USA) was added as 10% (equivalent to
22.4 kg ha-1) of clover-N amended. The NBPT was added as Agrotain Ultra (26.7% wt./wt., from
Koch Agronomic Services, LLC., USA) at a rate of 8.4 mL NBPT kg-1 clover-N. DCD 100%,
DMPP 10% and NBPT were 10 times of their recommend rates, in order to obtain the maximum
reduction and to compare to DCD 10%, the regular rate (Di and Cameron, 2006; Weiske et al.,
2001; Tian et al., 2015). The incubation experiment was conducted over 20 days with jars open
to atmosphere. The gravimetrical soil moisture was adjusted to 66% at the beginning of
incubation, then the system underwent a natural drying process. The wetting-drying cycles were
repeated twice to simulate the rain events in field. The emission of N2O was monitored by
obtaining gas samples from the incubation jars that closed for 1 hour. N2O concentrations were
measured by using a Varian 3800 gas chromatography (GC) (Varian Inc., Palo Alto, CA).
5.2.3. Statistical Analyses
Treatment effects on harvested biomass and cumulative N2O emission were analyzed
using one-way ANOVA based on GLIMMIX procedure of the SAS software (SAS Institute,
Inc., Cary, NC). When ANOVA test was significant, individual treatment effects were assessed
by Tukey’s least significant difference (LSD) at an α < 0.05 level.
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5.3. Results and Discussion
5.3.1. Pasture biomass and N yield
Biomass yield and N yield of warm-season bermudagrass were calculated based on the
sum of biomass and its N contents from the two cuts in each growth season (Fig. 5.1). The dry
biomass yield was similar between 2017 and 2018 under each treatment (Fig. 5.1a), and N yield
was generally proportional to the associated biomass yield (Fig. 5.1b). Bermudagrass under WC
treatment yielded an average of 38% more biomass than CLT treatment, resulting in 32-62 kg ha1

additional N being produced. The two-year average yield in WC112N treatment was 9364 kg

ha-1, which was not significantly different from 9478 kg ha-1 in 224N treatment. The N yield,
however, showed slightly higher result from WC112N than 224N. It is also interesting to note
that the mixed WCR treatment produced an average of 29% less biomass and N than WC

dry biomass kg ha-1
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Figure 5.1. Warm-season pasture biomass yield (kg ha-1) (a) and N yield (kg ha-1) comparing
different treatments in 2017 and 2018. Bars indicate standard errors among replicates. (CLT:
control; WC: white clover; WCR: white clover with ryegrass; WC112N: white clover with 112
kg urea-N ha-1; 224N: 224 kg urea-N ha-1)
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The analysis of aboveground biomass of white clover in April indicated that the shoots
accounted for 55 kg N ha-1. Besides the aboveground portion, the decomposition of white
clover’s root nodules and root excretion is considered a significant N source to the summer
growing season (Legard and Steele, 1992). Vanman-Jørgensen and Legard (1997) suggested that
a correction factor of 1.7 to account for N from belowground root biomass when only white
clover is harvested for the leaves only. A recent study reported that the belowground roots
portion could contain up to 1.3 times more N than the shoots portion (Talgre et al., 2017). Thus,
in this study, white clover was estimated to produce 94-127 kg N ha-1. Nitrogen transfer from
white clover to bermudagrass could be then calculated by subtracting N yield of bermudagrass
with clover inclusion plots from N yield of bermudagrass monoculture plots (McCurdy et al.,
2014). During the 2-year study, N transfer was estimated to be 51 kg ha-1 in non-fertilized plots,
which accounted 40-54% of total N produced by clover. The estimated N transfer rate was
similar to the reported 41% from white clover to bermudagrass without fertilizer in subtropical
southeastern region (McCurdy et al., 2014), and higher than 4.2-13.7% of a cool-season legumeturfgrass system (Sincik and Acikgoz, 2007). The higher transfer rate found in this study may
indicate higher N availability from fixed N in soils under relatively warmer environments.
Proportional N offtake to the biomass yield indicated that the different combination of
cover crops and fertilization rate would not affect the N content of biomass produced (Fig. 5.1b).
Han et al. (2012) also found that bermudagrass overseeded with white clover yielded similar
amount of crude protein comparing to bermudagrass received 112 kg N ha-1 fertilizer in the same
region. Similar biomass yield between WC112N and 224N treatments also agreed well with a
study conducted in Texas that the amount of N fertilizer required by the bermudagrass to replace
by the white clover was about 127 kg N ha-1 (Evers, 1985). These results supported that
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substituting 50% of N by white clover was able to provide enough bio-fixed N for the growth of
subsequent summer grass without compromising yield and N yield.
Ryegrass is a high N-demanding cool-season grass. Intercropping ryegrass with white
clover has been suggested as a means to capture excess bio-fixed N and other soil nutrients, as
well as to better synchronize N mineralization for warm-season grass demand through the later
decomposition process (Kuo and Jellum, 2002; Hauggaard-Nielsen et al., 2012). However, in
this study, the companion ryegrass had a negative effect on the growth of warm-season grass
(Fig. 5.1). The same negative effect of ryegrass on yield was also reported in a New Zealand
pasture (Malcolm et al., 2015). For WCR treatment, soil ammonium measurements also showed
lower concentration during the rapid growth period of bermudagrass in June (Appendix B Fig.
B.2). Previously, clover establishment was found to be negatively correlated with the density of
annual ryegrass, which could lead to less N being contributed to associated warm-season grass
(McCurdy et al, 2013). In addition, slow mineralization of ryegrass likely did not synchronize
with the high N demand of bermudagrass (Griffith et al., 2000). Future research is needed to
evaluate the seeding rate of ryegrass as a companion grass for the purpose of avoiding
competition and achieving a better synchronization with the subsequent crop.
5.3.2. N2O emission
Temporal variation in N2O emissions over the two years were given in Fig. 5.2. In 2017,
the N2O flux was small after the 1st fertilization as it was under fairly dry soil condition (Fig.
5.2a). After the 2nd fertilization, the N2O-N flux sharply reached 183 and 103 g ha-1 day-1 for
224N and WC112N at day 4, respectively, then dropped to background level after 20 days of
fertilization, whereas other non-fertilized treatments showed very low N2O emission throughout
the growth season of 2017 (Fig. 5.2a). The cumulative N2O emissions of full 224N treatment was
71

significantly higher than those treatments that received half the amount of fertilizer or no
fertilizer. There was no significant difference in cumulative N2O emission among CLT, WC, and
WCR treatments. Overall, 2017 seasonal accumulative N2O-N emission for the CLT, WC, WCR,
WC112N, and 224N were 130, 140, 168, 647, and 1,126 g ha-1, respectively (Fig. 5.3). In 2017,
winter cover crops contributed negligible amount of N2O emission, and the peaks of N2O were
primarily associated with mineral fertilizer applications.
The N2O emission trends in 2018 showed a different pattern from that in 2017 (Fig.
5.2b). Significant N2O fluxes of fertilized treatments started two days after the fertilization
events. The spikes of N2O fluxes from all treatments were related to the periods of high soil
moisture content. Contradicting from 2017, WC112N treatment showed significantly higher N2O
flux peaks than 224N treatments after the first fertilization, although overall the two treatments
did not show significant statistical difference in cumulative N2O emissions (Fig. 5.3). The N2O
flux of WC and WCR treatments also peaked in June and July (Fig. 5.2b). As a result, the
cumulative N2O emissions of the two treatments were significantly higher than CLT, but lower
than the urea-fertilized treatments. Overall, winter cover crops contributed significant amounts of
N2O emission in 2018. The peaks of N2O emissions were associated with both the fertilization
events and soil moisture levels.
Soil moisture difference between 2017 and 2018 likely caused the varying pattern
response of N2O emissions between the two years. It is well known that soil moisture plays an
important role in nitrification and denitrification, thus strongly affects the emission of N2O
(Davidson et al., 2000; Schindlbacher et al., 2004). The N2O emission was generally suppressed
when soil moisture was below 30% (Fig. 5.2), a finding which was also reported for a pasture in
hot and dry climate (Dougherty et al., 2016). In 2018, soil moisture underwent more frequent
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wetting and drying cycles than in 2017 and stimulated the N2O emission from decomposing
clover. The drying process was likely to have stimulated net mineralization of cover crop-N,
which provided additional substrate for nitrifying and denitrifying bacteria (Franzluebbers et al.,
1994; Burchill et al., 2014). While the drying likely facilitated net mineralization of cover cropN, the rewetting process had been shown to immediately increase N2O production through
denitrification (Beare et al., 2009; Goldberg et al., 2010). Soil conditions that alternately favored
mineralization and denitrification may explain the increase in N2O emission from winter cover
crops in 2018. The results suggest that in regions with frequent rain events, the usage of legume
cover crops should be considered with more caution for the purpose of N2O mitigation.
The average two-year cumulative results showed that substituting 50% of urea fertilizer
by clover had similar amounts of N2O emission (Fig. 5.3). The two-year average N2O emission
factor for bio-fixed N in this study was calculated to be 0.63% based on WC treatment, not
different from 0.64% of fertilizer-N based on 224N treatment, suggesting comparable emission
capacity between clover and urea-N. The similar N2O emission from bio-fixed N and fertilizer-N
was also reported for other cover crops studies conducted in rice-wheat field and grazed pastures,
when the same amount of N source was inputted (Aulakh et al., 2001; Ledgard, 2009). Large
release of N2O has been reported in a continuous corn system in humid tropical areas, when
legume residues were incorporated to soil as a green-manure (Millar et al., 2004; Baggs et al.,
2003). Other than the immediate short-lived N2O flux from adding legume residues directly to
soil, gradually dying cover crops provided a slow release of N2O (Millar et al., 2004; Baggs et
al., 2003; Gomes et al., 2009). An N2O emission factor of 0.39-0.75% of fresh legume residue
was also found in a no-till maize crop rotation (Gomes et al., 2009). Some studies had reported
the reduction of N2O when fertilizer-N was partially or completely replaced by bio-fixed N in
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forage systems in temperate regions. However, these studies did not measure and take into
consideration the total N input from legume and fertilizer as well as the pastures’ productivity
(Gregorich et al., 2005; Li et al., 2011).
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Clover biomass is known to have low C:N and lignin:N ratio which allowed rapid
mineralization and provided NH4+ and NO3- substrates for nitrification and denitrification
(McCurdy et al., 2013; Kumar and Goh, 2002; Brunetto et al., 2011; Hauggaard-Nielsen et al.,
1998; Huang et al., 2004; Velthof et al., 2002). The rapid mineralization process also depletes
oxygen and creates anaerobic microsites known as hotspot of denitrification (Schlüter et al.,
2019). Moreover, the decomposing biomass increased soil pools of labile C, which serves as
electron donors in denitrification process (Mitchell et al., 2013). In addition, the soil surface
mulched by drying clover could increase soil moisture and temperature, raising the potential for
denitrification (Dabney 1998; Baggs et al., 2003). All these conditions brought by decomposing
clover could favor denitrification and stimulated N2O production. Since N2O emission is tightly
coupled to total N input and plant N uptake (Legard, 2009), our result suggested that when trying
to achieve a similar yield, bio-fixed N, as with white clover, may not be an advantageous
mitigation strategy for minimizing N2O emission, especially in a subtropical grassland where
frequent rain events happen during the decomposing period of legume residue. On the other
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hand, it is interesting to note that comparing to WC treatment, the WCR treatment emitted
slightly less N2O cumulatively (Fig. 5.3). Ryegrass biomass is known to have much higher C/N
ratio than white clover, mineralization of the mixture’s residue is slower than that of pure white
clover (Griffith et al., 2000). In addition, while ryegrass is alive, it uptakes N released by white
clover through root exudates or decayed nodules and roots (Laidlaw et al., 1996; Paynel et al.,
2001; Šimek et al., 2004). This likely contributed to the difference in N2O emission between
with/without ryegrass treatments.
5.3.3 NH4+ and NO3- loss via surface water runoff
The NH4+-N and NO3--N losses via surface water runoff are presented as cumulative
loadings in Fig. 5.4. The N runoff loss during grass growing season was clearly influenced by
different combinations of the types of winter cover crops and fertilizer rates. Runoff N loss in
fertilized treatments was significant in both 2017 and 2018. Ammonium-N loss in 224N
treatment accounted for 1.7-2.4% of applied N fertilizer (5571 g N ha-1 in 2017, 3783 g N ha-1 in
2018). Nitrate-N loss in 224N accounted for 2.0-3.1% of applied N fertilizer (5382 g N ha-1 in
2017, 11383 g N ha-1 in 2018). Runoff N loss from WC112N treatment was significant less than
from 224N with 30-35% and 11-24% reduction in NH4+-N loss and NO3--N loss, respectively.
Runoff N loss in unfertilized winter cover crops treatments were not significantly different from
CLT treatment in 2017, while they were about 70% higher than CLT treatment in 2018.
Average total N loss through runoff counted for 3.7-5.5% of total urea-N applied over
two years of observation, which was in the lower range of 3-10% reported by others in pasture
field studies (Moe et al., 1968; Kilmer et al., 1974; Sharpley et al., 1983). One possible
explanation that affected the runoff intensity was the smaller overall ground slope (5%) in this
study site compared to 11-13% from Moe et al. (1968) and Sharpley et al. (1983). Additionally,
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the coverage of vegetation is another factor that could affect the runoff volume (Kleinman et al.,
2006; Udeigwe et al., 2010). The runoff N loss was less during the first fertilization period when
the cover crops were still alive than the second fertilization period. Overall, treatments with
winter cover crops showed decrease in runoff volume as much as 50% in this study (see
Appendix B Table B.1). For comparison, clover mulch reduced runoff volume by 68% when it
was intercropped with corn silage (Siller et al., 2016). Therefore, the reduced runoff N loss by
WC112N treatment was mainly from the decreased runoff volume. Although bio-fixed N could
be a source of N loss through runoff, it will still reduce the overall runoff N loss when used to
substitute a portion of N fertilizer through the mulch effect.
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5.3.4. NH4+ and NO3- loss via leaching
The concentration of NH4+-N and NO3--N in leachate and estimated potential maximum
NH4+-N and NO3--N losses during the growth season after first fertilization in 2017 are presented
in Fig. 5.5. For both forms of inorganic-N, most of the leaching took place during the first four
rain events, after which, the inorganic-N concentrations in leachate were negligible (Fig. 5.5a
and c). Ammonium-N loss through leaching from both the fertilized and non-fertilized
treatments started to show after the first rain event (hence the first measurement taken) (Fig.5.5a
and b), while NO3--N loss from non-fertilized treatments was indifferent from CLT treatment for
the first 4-5 measurements (Fig. 5.5c and d). The two fertilized treatments showed higher
potential loss than the non-fertilized in both contaminants, but they were not statistically
different from each other. The potential loss of NO3--N from 224N treatment was 1,566 g N ha-1,
which was higher than the 1,072 g N ha-1 of NH4+-N loss. The leaching N loss from 224 N
treatment accounted for 2.4% of applied fertilizer-N, and the loss was not decreased by reducing
mineral fertilizer in WC112N treatment (Fig. 5b and d). The N loss from WC and WCR
treatments were not significantly different from each other but greater than CLT treatment.
Unlike runoff, N loss through leaching was not alleviated by substituting a portion of
mineral N fertilizer with bio-fixed N using white clover. Previously, Ledgard (2001) compiled a
limited number of studies conducted in New Zealand, France, and UK on N loss through
leaching in pastureland with or without legume, and found that, nitrate leaching loss was similar
between clover/grass- and N fertilized pasture at similar N inputs and plant N yield. A recent
study also indicated that on the same total N input level, nitrate leaching loss was not affected by
the source of N, whether it was mineral fertilizer, bio-fixation, or mixture of both (Chapman et
al., 2018). In this study, our results suggested that N loss through leaching was mainly affected
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by the amount of N input, regardless of the forms. Incorporating winter cover crops such as
white clover could potentially increase leaching volume by providing better drainage, due to
formation of more macroaggregates and macrospores (Mytton et al. 1993; Breland 1995, LoaizaPuerta et al., 2018).
5.3.5. N2O emission from white clover amended soil with N stabilizers
Nitrous oxide emissions from white clover amended soil samples were affected by
different kinds and application rates of N stabilizers during the 20-day incubation period (Fig.
5.6). The incorporation of white clover matter into soil emitted significant amount of N2O, with
the flux peaks appeared immediately after soil being wetted. The N2O flux then gradually drop
down as the soil experienced drying, which was agreed with the N2O flux pattern from the field
experiment. This was believed due to a favorable soil condition for mineralization and
subsequent denitrification of bio-fixed N, from the cycle of drying and wetting. The application
of DCD at the rate of 100% greatly decreased N2O emission, but the reduction was diminished at
the rate of 10%. DMPP showed a better effect in decreasing N2O emission at the rate of 10%, but
DMPP 10% was not as effective as DCD 100%. NBPT had limited effect in controlling the
emission of N2O. Overall, the cumulative N2O emissions from white clover matter were reduced
by 91% for DCD 100%, 46% for DCD 10%, 77% for DMPP.
The 46% reduction in N2O emission from clover-N by DCD 10% treatment was lower
than 76% reported for urea-N (Meng et al., 2021), indicating a lower efficiency when it is used
for bio-fixed N. However, the significant increase in N2O reduction with DMPP 10% treatment,
up to 77% efficiency also indicates potent efficiency of DMPP compared to DCD for reducing
N2O emission from decomposition process of clover-N, as it was the case for mitigating of
emission from mineral N-fertilizer with DMPP equivalent effect at one tenth rate of DCD
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(Weiske et al., 2001). While this result strongly suggests that commonly used nitrification
inhibitors such as DCD and DMPP could be used for minimizing N2O emission from
degradation of legume cover crops, the specific rates need to be determined from further field
studies under different climate conditions. On the other hand, NBPT, a urease inhibitor, showed
no improvement on controlling N2O emission induced by white clover residual. Although NBPT
was observed to have significant effect on reducing N2O emission from urea and urine fertilized
pastures (Zaman et al., 2008; Singh et al., 2013; Ding et al., 2015; Krol et al., 2020), it had little
influence on the mineralization of bio-fixed N, where the major N forms are protein and amino
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Figure 5.6. Soil moisture (a) and the temporal N2O-N emission from white clover biomass
amendment (b) in a 20-day soil incubation with N stabilizers. Bars indicate standard errors
among replicates.
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5.4. Conclusions
The two-year field experiment demonstrated that partial substitution for half of full
mineral N rate application by white clover grown as a winter cover crop did not compromise the
yield of warm-season bermudagrass. However, the clover-substituted plots had similar amounts
of N2O emissions as those with only urea application over two years. Clover-substituted plots
also showed greater potential N loss from leaching, but less runoff N loss due to decreased
runoff volume. The companied ryegrass had no effect on N loss through water runoff and
leaching, but it had a negative impact on yield. In addressing the environmental impact, the
incubation of soil amended with clover residue showed that application of nitrification inhibitors,
DCD or DMPP, could significantly reduce N2O emission, while urease inhibitor NBPT had little
effect. Overall, for the purpose of maintaining yield in a low-input sustainable agricultural
system, white clover grown as a winter cover crop can substitute mineral N fertilizer, but N
stabilizers may be used to mitigate N loss associated environmental problems.
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CHAPTER 6. EFFECT OF TILLAGE AND FORAGE SPECIES ON SOIL
HEALTH PARAMETERS
6.1. Introduction
Soil health is key in the development of sustainable agriculture (Papendick and Parr,
2009). Successful soil health management has been linked to long-term capacity of crop
productivity and environmental resiliency (van Es and Karlen, 2019; Bünemann et al., 2018;
Lehman et al., 2015, Miner et al., 2020). Soil scientists have developed primary indicators to
assess soil health, including a range of soil physical, chemical, and biological characteristics
which can reflect agroecosystem functions and are sensitive to the change of field management
(Doran and Parkin, 1994; van Es and Karlen, 2019). Among them, soil aggregates stability is
critical to how well an agroecosystem will function on infiltration, root growth, and resistance to
water and wind erosion (USDA-NRCS, 2008), and soil aggregates stability is considered an
early indicator of soil health, since soil aggregates distribution responses to alterations of field
conditions even in a short term (Liu et al., 2005; van Es and Karlen, 2019). In general, soil
aggregates stability gets enforced when the proportion of large to small aggregates increases
(USDA-NRCS, 2008), and the size distribution dynamically interact with various other soil
health parameters, such as soil organic carbon (SOC) and microbial community structure
(Blanco-Canqui and Lal, 2004; Bronick and Lal, 2005). SOC input improves aggregates stability
by binding smaller aggregates to form larger aggregates (Abiven et al., 2009; Martens 2000; Liu
et al., 2005). Soil microorganisms can colonize on the soil aggregates and heterogeneously
distribute among different size classes of soil aggregates to facilitate varying soil functions
(Schutter and Dick, 2002), and the pore space between aggregates is critical for nutrient cycling
and storage, as well as the transport of air and water in the rhizosphere (Rabot et al., 2018).
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Consequently, monitoring and understanding soil aggregate distribution, aggregate’s OC and
microbial communities in an agroecosystem would enable a better management on soil health.
Comparing to other agroecosystems, forage system is often considered a soil
conservation method that sustains soil health, especially for a more active rhizosphere
(Franzluebbers et al., 2014). Through returning grass and legumes residuals, rich organic matter
is integrated into soil, which strengthens soil microbial activity and favors the formation of
macroaggregates (Conant et al., 2001). The soil health parameters have been evaluated in a
variety of forage systems, whether with or without legumes (Gijsman and Thomas, 1995), annual
or perennial (Haynes and Francis, 1993; Chantigny et al., 1997), planted or naturally grown
(Huang et al.,2019), as well as the types and loadings of various amendments (Bossuyt et al.,
2001; Dapaah and Vyn, 1998). However, insufficient data was found supporting the
investigations of subtropical forage systems in southeastern U.S, primarily due to a wide variety
of forage species, mixtures, and management practices being applied in this area as well as
different goals of cultivation (Rouquette, 2017; Han et al., 2018).
The southeastern U.S. region is suitable to grow more than 30 forage species, and its
forage production accounts for 40% of total U.S. production (USDA-NASS, 2018). Among
them, one of the primarily grown warm-season forage species is perennial bermudagrass
(Cynodon dactylon L), which is highly productive and can cover the forage needs from April to
September (Han et al., 2012). However, bermudagrass has relatively low forage nutritive value,
so this shortage is usually complemented by growing leguminous annual warm-season species
(Rouquette, 2017). In a short period of two-month in late summer, leguminous cowpea (Vigna
unguiculata) can provide good quality forages with approx. 20% crude protein, while
leguminous Alyce clover (Alysicarpus vaginalis) can provide supplemental nutrients to benefit
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grazers’ lactation (Dahmardeh et al., 2009; Wallau et al., 2019). To extend the productive period
of annual warm-season legumes, non-leguminous pearly millet (Pennisetum glaucum) can be
mix-planted into cowpea and Alyce clover, in order to utilize part of bio-fixed N and provide a
better overall yield from May to August (Shahin et al., 2013). Since warm-season species are
dormant in winter, cool-season ryegrass (Lolium multiflorum) is widely grown in southern US
for its high nutritive value and fast establishment (Hannaway et al., 1997). Mixed seeding
leguminous white clover (Trifolium repens) with ryegrass is a common practice which improves
forage yield with less N fertilizer application (Bouton et al., 2005). However, species listed
above have yet to be tested for their effects on soil health, and they differ widely in their
characteristics, such as productivities, nutritive value, rooting patterns, and interactions with soil
microorganisms (Crotty et al., 2015). For soil conservation purposes, soil aggregate stability and
other properties that are relevant to soil health also need to be evaluated when selecting one or
more forage species.
Tillage practice has long been part of crop cultivation for the purpose of improving crop
yield by controlling weed growth, incorporating crop residual, and turning soil for crop seeding
(Unger and Cassel, 1991; Whittington et al., 2007). However, this intensive manipulation is
found to destroy soil aggregates and be harmful to soil biochemical environment. Many studies
have shown that no-till or reduced tillage practices increased SOC content and soil aggregate
stability in row crops (Paul et al., 2013, Gicheru et al., 2004; Peixoto et al., 2006). In forage
systems, tillage may not lead to obvious reduction of soil aggregate stability in short terms since
grassland soils have high crop residual input that may offset the negative effect (Six et al., 1998;
Linsler et al., 2013; Urbanek et al., 2007), but the damage on SOC pools and soil microbial
community may long-termly influence soil physical structures (Franzluebbers et al., 1995; Abid
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and Lal, 2008). Therefore, investigation of the detailed effects of tillage on forage systems is
necessary.
The objective of this study was to assess the effects of tillage and potential forage species
on soil health parameters, including soil aggregate stability, C and N contents in whole soil and
aggregate fractions, and soil microbial community structure.
6.2. Materials and Methods
6.2.1. Field site properties and experimental design
This study was established at the Louisiana State University Agricultural Center Iberia
Research Station located in Jeanerette, LA (29o57′54′′ N latitude, 91o42′54′′ W longitude). The
soil type at this site was a Baldwin silty clay loam (fine, smectitic, hyperthermic, chromic vertic
epiaqualfs). Before establishment of this experiment, the field was kept as an un-fertilized
perennial bermudagrass pasture under no-tilled condition for 8~20 years except for the field
would be used to grow a multispecies cocktail pasture (NTMS treatment described below),
which was kept as the same bermudagrass pasture until 1998 and then converted to ryegrass
pasture under no-tilled condition in 2010.
Five forage systems were initiated in 2015, including: 1) Cool-season annual ryegrass
(Lolium multiflorum) was grown under no-till (NTRG); 2) under conventional till (CTRG); 3)
overseeded with white clover (Trifolium repens) at a 5 g ha-1 seeding rate under no-till
(NTRGW); 4) warm-season perennial bermudagrass grass (Cynodon dactylon L.) under no-till
(NTBG); 5) and warm-season no-till annual multispecies pasture (NTMS) including Alyce
clover (Alysicarpus vaginalis), pearl millet (Pennisetum glaucum) and cowpeas (Vigna
unguiculata). Ryegrass and white clover were seeded annually in October, while annual warm-
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season multispecies pastures were seeded annually in April ~ May. Nitrogen fertilizer was
applied at a rate of 56 kg ha-1 yr-1 as urea in October for cool-season pastures, and in June for
warm-season pastures.
6.2.2. Soil chemical and physical characteristics
Soil samples were collected in 2015 before initiation of experiment and analyzed for
chemical and physical characteristics. Six composite samples of surface soil (0–15 cm) from
each forage system were collected. The soil samples were air-dried, ground, and sieved to pass
through a 2-mm screen for soil pH, SOC and total N (TN) analysis (Table 6.1). Soil pH were
measured in a 1:1 mixture of soil to deionized water. Soil organic C and TN contents were
determined using a Vario EL cube Elemental Analyzer (Elementar Co., Germany) via
combustion. Soil P, K, Ca, Mg, S were extracted using Mehlich III solution (Mehlich, 1984), and
then were determined using inductively coupled plasma atomic emission spectrophotometry
(ICP-AES; Spectro Citros CCD, SPECTRO Analytical Instruments, Kleve, Germany).
Table 6.1. Soil physical and chemical characteristics of study site before initiation of experiment.
(SOC: soil organic C; TN: total N)
Mehlich III extractable
Sand Silt Clay
-------g kg-1------78
541 381

pH
5.5

SOC
TN
-1
----g kg ---31.76 5.53

P

K
Ca
Mg
S
-1
-----------mg kg ---------70 244 4145 758
27

6.2.3. Soil wet sieving and aggregate distribution
Three-years after establishing treatments in March 2018, composite samples of surface
soil (0–15 cm) were collected per treatment for characterizing aggregate fractions, and each
composite sample were wet-sieved individually based on the method of Six et al. (1998).
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Specifically, 100g (oven-dry based) field-moist soil of each composite sample was firstly slaked
in deionized water on a nest of sieves (2000, 250 and 53 µm) for 10 mins. Then the sieves were
oscillated in water for 5 mins with a stroke length of 3-4 cm and 30-35 frequency per min.
Aggregates remaining on each sieve were fractionated into four aggregates sizes: large
macroaggregates (>2000 µm), macroaggregate (250-2000 µm), microaggregates (53-250 µm),
and silt+clay fraction (<53 µm). Samples of aggregates were oven-dried at 60 0C, then weighed
and stored before further analysis. The SOC and TN contents of the whole soil samples and
fractionated aggregates were determined using a Vario EL cube Elemental Analyzer (Elementar
Co., Germany) via combustion. The sand content of the fractionated aggregates was determined
by dispersing 5 g of the aggregate fraction in 20 ml of 5% sodium hexametaphosphate, sieving
through a 53 µm screen, and sands left on the screen were weighed (Elliott et al., 1991). The
weight of sand-free water stable aggregates was calculated as the weight of aggregates subtracted
by the weight of sand in each fraction. The Mean weight diameter (MWD) of aggregates were
calculated as: MWD = ∑i (PiDi). Where Pi is the proportion of the whole soil in the given
fraction, and Di is the average diameter (mm) of the particles of the fraction.
6.2.4. Soil microbial community
Freeze-dried composite samples from each treatment were used to determine soil
microbial community based on phosphorus lipid fatty acid (PLFA) method (Green and Scow,
2000). In doing so, three grams freeze-dried soil of composite samples were first extracted with a
single-phase mixture of methanol, chloroform, and phosphate buffer (pH 7.4) in a ratio of
2:1:0.8. The phase was broken by changing the ratio to 1:1:0.9, and total lipids were extracted
from the chloroform phase. Then polar microbial PLFAs were isolated from total lipids using
silica gel column chromatography (Avantor Performance Materials, Poland). The purified
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microbial PLFAs were methylated by adding methanolic KOH to produce fatty acid methyl
esters. Finally, the PLFAs were analyzed using an Agilent 6890 GC Series II (Hewlett-Packard,
Wilmington, DE) equipped with a flame ionization detector (FID) and a stationary phase
consisting of a HP-ULTRA 2 column (25 mm × 0.2 mm × 0.33 μm). PLFAs were identified
using Sherlock Microbial Identification System (Microbial ID, Inc., Newark, DE), and
concentrations of PLFAs were converted to nmol g-1 soil based on the peak area of
nonadecanoate (C 19:0) as an internal standard.
To characterize microbial community structure, soil total microbial biomass (TMB) for
each sample was calculated by summing FAMEs from all the microbial groups. Soil microbial
PLFA absolute abundance (nmol g-1 soil) for each microbial group were estimated by summing
all associated PLFAs in that group. In details, Gram-positive bacteria (G+) were presented by
iso-branched and anteiso-branched saturated fatty acids i15:0, a 15:0, i16:0, a17:0, i17:0
(Velasco et al., 2010); Gram-negative bacteria (G-) by monounsaturated and cyclopropane fatty
acids 16:1 ω7c, 18:1 ω7c, cy17:0 ω7c, cy19:0 ω7c (Zelles et al., 1992); actinomycetes by methyl
fatty acids 10Me 16:0, 10Me 17:0, 10Me 18:0, 10Me 20:0,10Me 17:1ω7 (Zogg et al., 1997;
Frostegård et al., 1993); fungi by monounsaturated and polyunsaturated fatty acids 18:1ω9c.
18:2ω6c, 18:3ω6c, 18:3ω3c (Frostegård et al., 1993; Madan et al., 2002); arbuscular
mycorrhizal fungi (AMF) were presented by 16:1 ω5c (Ngosong et al., 2010); and protozoa were
presented by 20:4ω6 (Pennanen et al., 1996). PLFAs terminology utilizes “A:B ωC” where “A”
refers to the total number of carbon atoms; “B” refers to the number of double bonds; “C” refers
to the location of the double bonds. In addition, “i” and “a” refer to iso- and anteiso-branched
fatty acids, respectively, “cy” cyclopropane group, and “Me” methyl group. The number before
“Me” refers to the location of methyl group, “c” and “t” indicate “cis” and “trans” geometry,
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respectively. Relative abundance of bacteria (bacteria %) was calculated as the percentage of G+
and G-‘s PLFA absolute biomass in TMB. Relative abundance of fungi (fungi %) was the
percentage of fungi and AMF’s PLFA absolute biomass in TMB. Fungi to bacteria ratio (FBR),
Gram-positive to Gram-negative bacteria ratio (G+/G-), and nutrient stress indicator cyclopropyl
to precursors ratio [cy/pre: (cy17:0 ω7c + cy19:0 ω7c) / (16:1 ω7c + 18:1 ω7c)] were also
calculated.
6.2.5. Statistical Analyses
Treatment effects on aggregates fractions, SOC, TN, MWD, and abundance of microbial
groups were analyzed using one-way ANOVA based on GLIMMIX procedure of the SAS
software (SAS Institute, Inc., Cary, NC). When ANOVA test was significant, individual
treatment effects were assessed by Tukey’s least significant difference (LSD) at an α < 0.05
level. Soil microbial community and PLFA biomarker ratios were analyzed through principal
component analysis (PCA) by using “prcomp” function in “ggplot2” package of R-studio
software (Version 0.98.1028).
6.3. Results
6.3.1. Aggregates size distribution
The distribution of sand-free water stable aggregates was influenced by tillage practice
and forage species (Fig. 6.1a). The influence of tillage was significant as evidenced by the shift
in aggregate size distribution to smaller classes. CTRG had 26% less macroaggregates (250-2000
μm), but 37% more soil in silt+clay (<53 μm) than NTRG, which indicated the prohibition effect
of tillage on the formation of large aggregates. The prohibition effect was also shown in CTRG
which has a significant lower MWD than NTRG (Table 6.2). As for no-till systems, growing
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white clover in ryegrass system (NTRGW), large macroaggregates (>2000 μm) increased by
24%, with concurrent reductions of 48% in the silt+clay. The higher MWD of NTRGW over
NTRG also indicated white clover promoted the formation of macroaggregates. Among warmseason forage, NTBG showed greater effect in forming larger aggregates. The NTBG had higher
MWD than NTMS, the major difference was that NTBG had 12% more macroaggregates but
54% less microaggregates (53-250 μm).

Table 6.2. Mean weight diameter (MWD), soil organic C (SOC) and total N (TN) content of
whole intact soil samples. Letters indicate significance in the column using Tukey’s LSD
comparison (α < 0.05).
Forage systems MWD
SOC
TN
µm
---------%--------CTRG
516 d
5.03 b
0.513 c
NTRG
641 ab
5.37 a
0.536 c
NTRGW
693 a
6.67 a
0.611 b
NTBG
630 b
7.12 a
0.587 b
NTMS
575 c
6.89 a
0.669 a

6.3.2. OC and TN of soil aggregates
The SOC and TN contents varied among aggregate sizes and forage systems. For coolseason forage systems, tillage significantly decreased SOC of whole soil (Table 6.2). The SOC
of aggregates in CTRG was also significantly lower than NTRG in all aggregate size classes
except in the macroaggregate fraction (Fig. 6.1b). Adding white clover did not show statistical
difference in SOC of whole soil, but aggregate SOC was significantly elevated in all size
fractions in NTRGW (Fig. 6.1b) compared to NTRG. The similar trend was also observed for
TN (Fig. 6.1c). In NTRGW, an extremely high SOC content was observed in the microaggregate
fraction, which was 54% and 47% higher than CTRG and NTRG, respectively.
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Figure 6.1. Fraction (a), soil organic carbon (SOC) (b), and total nitrogen (TN) (c) content of
sand-free water stable aggregates. Bars indicate standard errors among replicates. Letters above
bars indicate significance among treatments using Tukey’s LSD comparison (α < 0.05) within an
aggregate class. Aggregate size classes: large macroaggregates (>2000 µm), macroaggregate
(250-2000 µm), microaggregates (53-250 µm), and silt+clay (<53 µm).
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For warm-season forage systems, although OC did not differ in whole soil, NTBG had
higher SOC than NTMS in all size fractions, and the difference was the most significant in the
microaggregate fraction (Fig. 6.1b). TN content of NTBG was significantly higher than NTMS
in the microaggregate fraction, while lower in other size aggregate classes (Fig. 6.1c). For the
whole soil, TN was significantly different among treatments, with the order: CTRG ≤ NTRG <
NTBG ≤ RGW < NTMS (Table 6.2).
6.3.3. Soil microbial community structure
Tillage did not influence TMB, while different forage species had varied TMB (Fig. 6.2).
Generally, soil TMB from warm-season forage species was higher than from cool-season forage
species at the time of sampling in March. Between cool-season CTRG and NTRG, TMB was not
statistically different (120.6 PLFA nmol g-1 soil in NTRG vs. 116.1 PLFA nmol g-1 soil in
CTRG). For all no-till systems, NTRGW had slightly higher TMB (133.1 PLFA nmol g-1 soil)
than NTRG, which was mostly reflected from the increase of actinomycete biomass. Among
warm-season forage systems, each individual microbial group’s absolute abundance in NTMS
such as G+, G-, fungi, AMF and actinomycete were all significantly higher than NTBG. As a
result, higher TMB was observed in NTMS (173.8 PLFA nmol g-1 soil) than NTBG (140.9
PLFA nmol g-1 soil). For both cool-season and warm-season forages, multispecies systems had
higher TMB than monocultures.
Bacteria was the dominant group for all treatments, accounting for 63-65% relative
abundance in TMB (Table 6.3). Although no statistically significant difference was found
between the treatments on bacteria %, NTBG appeared to show elevated G+ abundance with
distinct high G+/G-. Tillage did not affect bacteria % as well as cy/pre, which is a bacteria
nutrient stress indicator calculated as the ratio of cyclopropylated fatty acids to their precursors
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associated with G- (Kieft et al., 1994; Smith et al., 2000). The fungi % and FBR of CTRG and
NTRGW were significantly lower than NTRG, indicating a shift of microbial community
structure through tillage practice and the addition of whiter clover. There was no statistical
difference between warm-season NTMS and NTBG in terms of bacteria %, fungi % and FBR,
but NTMS yielded higher absolute microbial biomass, suggesting that multispecies system
favored microbial growth without shifting microbial community structure.
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Figure 6.2. Soil PLFA total microbial biomass (TMB) and each microbial group’s absolute
abundance (nmol g-1 soil). Numbers under treatment’ symbols show TMB (nmol g-1 soil) with
uppercase letter in parentheses indicate difference of TMB among treatments. Lowercase letters
indicate PLFA biomass difference within each microbial group among treatments. Letters were
assigned using Tukey’s LSD comparison (α < 0.05). Bars indicate standard errors among
replicates. G+, Gram positive bacteria; G-, Gram negative bacteria; AMF, arbuscular mycorrhiza
fungi.
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Table 6.3. Relative abundance (%), and ratios of PLFA biomarkers among different forage
systems. Letters indicate significance in the column using Tukey’s LSD comparison (α < 0.05).
Forage systems
CTRG
NTRG
NTRGW
NTBG
NTMS

bacteria %

fungi %

FBR

G+/G-

cy/pre*

64.5 a
64.9 a
63.7 a
63.7 a
63.1 a

10.8 b
12.0 a
10.9 b
12.8 a
12.9 a

0.17 b
0.19 a
0.17 b
0.21 a
0.21 a

2.74 b
2.91 b
2.66 b
3.50 a
2.77 b

0.29 a
0.28 a
0.31 a
0.31 a
0.29 a

*cy/pre: Nutrient stress indicator = (cy17:0 ω7c + cy19:0 ω7c) / (16:1 ω7c + 18:1 ω7c)
bacteria %: relative abundance of bacteria; fungi %: relative abundance of fungi; FBR: fungi to bacteria
ratio; G+/G-: Gram positive to Gram negative ratio.

A PCA was performed to evaluate relations among different forage systems and their
effects on soil microbial groups’ absolute abundance and PLFA ratios (Fig. 6.3). The two
principal components (PC1 and PC2) explained 58.4% and 14.8% of total variance. All
eigenvectors associated with microbial abundance are clustered on the right side of PC1 axis,
while eigenvectors associated with PLFA ratios are distributed on the positive side of PC2 axis.
The distribution indicated that PC1 is heavily weighted by TMB, fungi, actinomycete, AMF, G-,
G+, as well as protozoa, while PC2 is weighted by G+/G-, FBR and cy/pre. The six replicates
from NTMS are grouped on the right side of PC1 and distributed on both positive and negative
sides of PC2, indicating an average increase of TMB with similar level of promotion effect on
majority of microbial groups. The NTBG also locates on the right side of PC1 with most
replicates on the positive side of PC2, indicating higher G+ abundance and G+/G- ratio. The
NTRG and CTRG systems are not separated from each other, but CTRG are more opposite from
the direction of FBR’s eigenvectors, indicating that tillage had little effect on overall microbial
biomass growth, but changed the community structure by reducing fungi %. Replicates from
NTRGW scatters towards TMB eigenvectors, implied an increase in soil TMB through the
addition of white clover.
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Figure 6.3. Biplot of principal component analysis for soil microbial PLFA profile and PLFA
ratios

6.4. Discussion
6.4.1. Tillage effects
It is well known that soil physical and chemical properties change when tillage is
performed as a management practice (Kladivko, 2001). Our study showed that tillage decreased
aggregate MWD and shifted the surface soil aggregate size distribution to smaller classes in
ryegrass forage system. This effect could be due to a breakup of macroaggregate into
microaggregate and silt+clay. The observation is consistent with findings from other studies
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which compared surface soil aggregates between no-till and conventional tilled systems
(Pirmoradian et al., 2005; Paul et al., 2013, Gicheru et al., 2004, Kihara et al., 2011, Peixoto et
al., 2006; Abid and Lal, 2008). Besides shifting aggregate size distribution, the breakup of large
macroaggregates by tillage could increase the exposure of soil organic matter to air and
microorganisms, thus favoring soil organic matter mineralization (Bandyopadhyay, 2019). In this
study, tillage promoted mineralization and reduced whole SOC by 6.3%, which is consistent with
other studies that found depletion of whole SOC in conventional tilled silty clay loam and silt
loam row crop systems (Franzluebbers et al., 1995; Abid and Lal, 2008). The tillage had a
similar effect on TN to a lesser magnitude, emphasizing the coupled relationship between SOC
and TN.
Compared with conventional tillage, the no-till ryegrass system not only preserved SOC
of whole soil, but also accumulated SOC in all aggregate size classes, especially in the large
macroaggregates. On the other hand, although the no-tilled ryegrass system did not greatly
influence soil TMB in this study, it did significantly increase fungi % that could be the major
reason for raised SOC level in macroaggregates. Several studies showed that macroaggregates
provided favorable conditions for microbial activities, especially the assimilation of
polysaccharides by fungi and actinomycete (Gupta and Germida, 1998; Aoyama et al., 2000;
Davinic et al., 2012). Other studies also observed a positive relationship between fungi % and
quantity of macroaggregates (Bossuyt et al., 2001; Schutter and Dick, 2002), as well as soil C
sequestration (Malik et al., 2016). In addition, high FBR was more likely to be associated with
macroaggregates than microaggregates (Tisdall and Oades, 1982), because fungal hyphae could
conglutinate microaggregates to form larger aggregates (Gupta and Germida, 1998). In this
study, the results of improved soil aggregate stability in NTRG compared to CTRG suggested
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that no-till system protected macroaggregates from breaking up that otherwise would occur in
conventional till and fungi likely played an important role in stabilizing macroaggregates and
sequestrating soil C.
6.4.2. Forage species effects on aggregates stability
Between cool-season treatments NTRG and NTRGW, the addition of white clover clearly
shifted soil aggregate distribution towards larger aggregate sizes. The improvement of aggregate
stability could be from higher forage productivity in the mixture compared to the monoculture.
Bio-fixed N from leguminous white clover improves ryegrass yield, allowing more plant residue
to return to soil, which could enhance soil labile organic matter pool (Ledgard and Steele, 1992;
Miller and Dick 1995). The enhanced soil labile organic matter can stimulate growth of soil
microorganisms (Lazcano et al., 2013; Zhao et al., 2015), which in turn generated more TMB as
evident by higher SOC, TN, and TMB in NTRGW than NTRG in this study (Table 6.1, Fig. 6.2).
White clover improved aggregate stability while suppressing fungi %, which was probably due
to the elevated bacteria and actinomycetes biomass, since high C/N ratio plant residue return
would favor bacterial growth (Bossuyt et al., 2001; Rousk and Bååth, 2007). Compared to white
clover inclusion, tillage lowered fungi % by reducing absolute fungal biomass, furtherly
weakened aggregate stability.
The fact that for NTBG of the two warm-season forage systems increased water stable
aggregates and SOC level in some aggregate fractions is interesting. The warm-season NTMS
that contained annual leguminous Alyce clover and cowpeas were able to produce nutrient-rich
plant biomass (Eskandari and Ghanbari, 2009). However, unlike mixed planting grass and
legume which benefited aggregate stability in cool-season forage systems, high quality plant
residue in NTMS did not provide an advantage in forming macroaggregates compared to
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monocultural NTBG, whose biomass had a relative high C/N ratio of 29 (Meng et al., 2021).
Previously, perennial crops were also found to improve SOC and aggregate stability (Haynes and
Francis, 1993; Tully and McAskill, 2020; Kautz et al., 2010). Our results suggested that the C/N
ratio of forage biomass may not be the limiting factor of forming large sizes aggregates, but the
sheer quantity of soil C input (Tisdall and Oades, 1982). The ability of perennial NTBG to
maintain living roots throughout the year, with the greatest root mass and consistent C inputs,
likely promoted soil aggregate stability. According to Liu et al. (2005), non-leguminous crops
can increase soil aggregate stability by adding the binding agents such as acid-extractable
polysaccharide. Other studies also reported that with the same C input, soil aggregate stability
had no correlation with the N content of crops residual amendments (Bossuyt et al., 2001) or the
rates of N mineral fertilizer (Dapaah and Vyn, 1998). Although we found that high-quality plant
residue from mix-planted ryegrass and white clover increased aggregation in cool-season
forages, this effect could be also due to the increased ryegrass biomass C production by utilizing
bio-fixed N from white clover (Elgersma and Hassink, 1997). These results of NTMS and
NTRGW indicated the formation of aggregates may be more sensitive to the root activities and
quantity of crop inputs than the quality, since perennial BG can reach 10,000 kg dry mass ha-1,
which is much greater than that of NTMS (Meng et al., 2021).
An inverse relationship was observed in NTBG and NTRGW where smaller amounts of
microaggregates corresponded to higher SOC and TN contents (Fig. 6.1). Raising SOC and TN
in microaggregates could be a sign of binding microaggregates to form larger aggregates as some
of the SOC may be labile which could improve microbial habitant and facilitate the bridging of
microaggregates (Davinic, 2012). On the other hand, some also suggested that soil organic
matter incorporated into microaggregates could be C-depleted and biologically recalcitrant with
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low microbial activity (Monreal et al., 1997; Six et al., 2002), which would lead to enhanced C
sequestration in the system. Nonetheless, since microaggregate was the smallest fraction among
the four size classes in these forage systems, the changing of SOC and TN in microaggregates
may not represent the dynamics of aggregates stability and microbial community in the whole
soil. It may be necessary to analyze the composition of soil organic matter, and microbial
community within aggregates in order to adequately elucidate the C changes and sequestration in
these forage systems.
6.4.3. Forage species effects on soil microbial community
Our study found that the surface soil TMB was higher in multispecies systems than
monocultures in both warm-season and cool-season forages (Fig. 6.2). This result was in
agreement with others who also observed increased soil TMB, SOC, and TN when more than
one crop was grown (Wardle and Nicholson, 1996; McDaniel, et al., 2014; Frey et al. 2013). In
addition, SOC and TN was generally positively related to TMB in this study, suggesting that soil
organic matter from multispecies forage systems enhanced the microbial community and
improved microbial habitats. Besides soil organic matter, belowground interactions between
plant species may induce microbial activity in each other’s roots (Wardle and Nicholson, 1996).
Along with TMB, improvement of plant root C and microbial biomass growth efficiency were
previously observed in multispecies systems (McDaniel, et al., 2014; Frey et al. 2013). With
different plants covering different period of growth and belowground space, it could allow a
more active and efficient rhizosphere to be created under multispecies systems. On the other
hand, the warm-season monoculture NTBG had a higher G+/G-, which reflected a different
microbial habitat from that of the multispecies system. Since higher G+/G- ratio generally
indicates relative low availability of labile C (Fanin et al., 2019), and low soil moisture (Chen et
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al., 2020), this could suggest that NTBG had less microbially available C and water. This implies
greater soil C sequestration potential of NTBG system which is evident by its highest SOC
content of the four systems studied. On the other hand, multispecies forage systems clearly
promote overall soil microbial activity.
6.5. Conclusions
Tillage practice had a negative effect on forming macroaggregate in ryegrass forage
system, and reduced SOC content through breakup of macroaggregates which promoted organic
C mineralization in macroaggregates. Tillage did not affect TMB, but it shifted the microbial
community towards less fungi %. By growing white clover with ryegrass, soil health was
improved by increased aggregate stability, SOC of whole soil and aggregates, and microbial
growth. Between the monoculture and the multispecies warm-season forages, NTBG had greater
aggregate stability, likely through high return of organic C which was reflected by higher SOC
content in every aggregate size fraction. On the other hand, NTMS significantly improved soil
microbial activity with returning high-quality residues. Overall, the inclusion of a legume into a
cool-season ryegrass forage system is encouraged in subtropical forage production since it
clearly promoted both aggregate stability and soil microbial activity, while tillage would be
discouraged. On the other hand, multispecies is more advantageous compared to monoculture,
for its high nutrient addition into soil and promotion on soil microbial habitat.
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CHAPTER 7. INFLUENCE OF AGROECOSYSTEM CHANGES ON SOIL
AGGREGATE STABILITY AND ASSOCIATED ORGANIC CARBON
CHEMISTRY
7.1. Introduction
Soil organic matter (SOM) comprises crop residues, microbial biomass, and humic
substance in different stages of decomposition (Cambardella 2004; Chenu et al., 2015). Due to
the sensitivity of SOM to environmental changes, the quantity and characteristics of soil organic
carbon (SOC) are usually measured to monitor soil health (Reeves, 1997; Weil and Magdoff,
2004). Soil aggregates, as the building blocks of soil structure, its stability is also a physical
indicator of soil health (USDA-NRCS, 2008). Strong interactions between SOC dynamics and
aggregates stability have been reported in many studies (Beare et al., 1994; Marten, 2000). Some
carbon functional groups can serve as binding agents to form and stabilize macroaggregates;
while SOC incorporated into aggregates is physically protected from biodegradation
(Christensen, 1992; Blanco-Canqui and Lal, 2004; Golchin et al., 2018).

The protection of SOC by aggregates depends on the turnover rates of different
aggregates size fractions, and the decomposition of SOC is hierarchical from macroaggregates to
microaggregates over time (Jastrow et al., 1996; Angers et al., 1997; Gale et al., 2000).
Macroaggregates is thought has a shorter turnover cycle than microaggregates (Six et al., 2000).
SOC that protected within macroaggregates is relatively labile, while SOC in free
microaggregates is generally oxidized and recalcitrant (Jastrow et al., 1996; Six et al., 2000).
Agroecosystems with different vegetations and managements vary in level of soil disturbance
and SOM inputs (Garcia et al., 2013; Li et al., 2007; Liu et al., 2014; Martens, 2000). The
quantity and quality of SOM entering soil strongly influenced SOC sequestration and aggregate
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stability (von Lützow et al., 2007; Li et al., 2007; Liu et al., 2014). Therefore, by quantifying and
characterizing the chemical composition of SOM in different aggregate size fractions, we can
identify the interactions between SOC and soil aggregates turnover and understand the effect of
agroecosystem on this interaction.

One way to assess the chemical composition of SOC is by the non-destructive Fourier
Transform Infrared (FTIR) spectroscopy (Tatzber et al., 2007; Heller et al., 2015). FTIR can
provide a semiquantitative overview of the functional groups of SOC to describe the status of
decomposition (Lima et al., 2009; Abdulla et al., 2010). However, FTIR spectroscopy has some
limitations. The major limitation of using FTIR on SOM analysis is the interference from
mineral composition of soil samples. Soil minerals show significant absorption in FTIR spectra,
which overlap bands contributed by SOM (Tinti et al., 2015). Extracting and purifying SOM
from soil samples eliminate the bands of soil minerals, providing a more accurate interpretation
of SOC from FTIR spectra.

Growing demand for renewable energy has increased the research on how biofuel crops
system influence soil health and the potential of sustainable production. Switchgrass (Panicum
virgatum L.) and cottonwood (Populus deltoides) have been grown as biofuel crops for cellulosic
biomass production in various places including those the lower Mississippi Alluvial Valley
(LMAVA) region of the Southern US. Some studies observed perennial switchgrass increased
SOC sequestration and improvement soil aggregate stability through enhanced roots exudates
after being converted from previous agricultural row crops (Blanco-Canqui et al., 2005; Sher et
al., 2020). On the other hand, other studies reported accelerated SOC decomposition and
destruction of macroaggregates in non-woody perennials such as switchgrass system (Lu et al.,
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2019; Kasanke et al., 2021). Thus, the effect of switchgrass system on SOC and aggregates needs
to be furtherly investigated. Although no study has evaluated the effect of cottonwood on
aggregate stability, cottonwood is thought having a big potential of improving soil aggregation
because its roots lives symbiotically with arbuscular mycorrhizal fungi, which have been
reported to increase water-stable aggregates (Piotrowski et al., 2008). Therefore, soil health
improvement is expected, when the previous heavy cultivated row crops are converted to
cottonwood in LMAVA region. However, there has been very limited study compared soil
aggregates stability in switchgrass, cottonwood and traditional biofuel row crop systems, and
there are very few studies characterized SOC within aggregates of these agroecosystems.
In order to elucidate agroecosystems’ effect on the interactions of SOC dynamics and soil
aggregates distribution, the objectives of this study were to: (1) evaluate the effect of land use
change on the aggregate stability from an original pasture to biofuel agroecosystems, and from
an original row crops to biofuel agroecosystems; (2) determine quantity of SOC and soil total N
(TN) in aggregate fractions under different agroecosystems, and (3) investigate the effect of land
use change on SOC characteristics of different aggregate fractions.
7.2. Materials and Methods
7.2.1. Study Sites
This study was established in 2009 at two sites in the Lower Mississippi Alluvial Valley
(LMAV): the Stephenson Farm near Archibald in northeast Louisiana (Archibald); and the
University of Arkansas Pine Tree Branch Station near Colt in northeast Arkansas (Colt) (Table
7.1). The Archibald site was a former pasture for 5 years before the establishment of the study;
the Colt site was previously operated as soybean row crops until this study was established.
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Three bioenergy crops were established at each site: (1) CROP: a rotation of row crops with two
years of soybean (MorSoy RT5388) followed by one year of sorghum (Pioneer 84G62); (2)
SWITCH: a monocultural perennial switchgrass (Panicum virgatum L.); and (3) CWOOD: a
monocultural perennial cottonwood (Populus deltoides Bartram ex Marsh.). Each treatment was
replicated three times per site in a 90 x 90 m plot. The CROP and SWITCH treatments were
successfully established at both sites during the first growing season (2009), while CWOOD was
initiated as planting cottonwood cuttings and accumulated low biomass until the third growing
season (2011) after establishment at both sites. For CROP treatment, soybean was grown in
2009, 2010, 2012 and 2013, and sorghum was grown in 2011 and 2014. CROP was harvested
annually starting in 2009. At Colt site, soybean or sorghum in CROP was harvested for grains
using a plot harvester, whereas crop residues were shredded and returned to the soil surface.
While at Archibald site, CROP was rotary mowed each year because of the inaccessibility for a
plot harvester, whereas crop grains and residues were returned to the soil surface. The SWITCH
field was harvested for biomass annually through rotary mowing or cutting starting in 2009.
CWOOD had not been harvested before 2015. SWITCH and CWOOD were managed under no
tillage, while CROP was operated under conventional tillage that consisted of disking (150 mm
depth) twice after harvest in fall, followed by Chisel-plowing (200 mm depth) and cultivating in
spring before crop planting. Detailed information of management in bioenergy crops includes
fertilization and pesticides is provided in Blazier et al. (2015) and Liechty et al. (2012).
7.2.2. Soil wet sieving and aggregate distribution
Soil samples were collected in September 2015, the sixth year since initiating treatments.
Two composite samples from surface soil (0–15 cm) were collected per plot. The 2 samples were
wet-sieved individually based on the method of Six et al. (1998), and the results were averaged.
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Table 7.1. Locations, soil types, soil physical and chemical characteristics of treatments in study
sites.
Sites

Archibald,
LA
Colt, AR

geographic
coordinate
32.35°N,
91.78°W
35.13°N,
90.81°W

Treatments
CROP
SWITCH
CWOOD
CROP
SWITCH
CWOOD

soil types
Gilbert silt loam
Gilbert silt loam
Gigger silt loam
Calloway silt loam
Henry silt loam
Calloway silt loam

sand silt clay
---------%--------13
70 17
13
70 17
13
70 17
11
69 20
14
72 14
11
69 20

pH

CEC

5.1
4.8
5.3
5.5
5.3
5.5

meq/100 g
15.1
15.1
15.4
11.1
7.6
11.1

From each sample, a 100g (oven-dry based) field-moist soil was first slaked in deionized water
on a nest of sieves (2000, 250 and 53 µm) for 10 mins, then the sieves were oscillated in water
for 5 mins with a stroke length of 3-4 cm and 30-35 frequency per min. Aggregates remaining on
each sieve were fractionated into four sizes: large macroaggregates (>2000 µm),
macroaggregate (250-2000 µm), microaggregates (53-250 µm), and silt+clay (<53 µm). Samples
of aggregates were oven-dried at 60 oC then weighed and stored before analysis. SOC and TN
contents of the whole soil and fractionated aggregates were determined using a Vario EL cube
Elemental Analyzer (Elementar Co., Germany) via combustion. The sand content of the
fractionated aggregates was determined by dispersing 5 g of each fraction in 20 ml of 5% sodium
hexametaphosphate followed by sieving through a 53 µm screen for all size classes except for
silt+clay (<53 µm) (Elliott et al., 1991). Any remaining sand left on the screen were also
weighed. The weight of sand-free water stable aggregates was calculated as the weight of
aggregates subtracted by the weight of sand in each fraction. The Mean weight diameter (MWD)
was calculated as: MWD = ∑i (PiDi). Where Pi is the proportion of the whole soil in the given
fraction, and Di is the average diameter (mm) of particles in the fraction.
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7.2.3. SOM extraction and characterization
SOM was extracted and purified from aggregate samples in 250-2000 µm, 53-250 µm,
and <53 µm size classes following the procedure outlined by Dodla et al. (2012). Firstly, each
soil aggregate sample was treated with 1M HCl to remove carbonates, Fe and Mn oxides, and
hydroxides. Then the sample was neutralized and extracted using 0.1 M NaOH under N2
atmosphere. Next, the aqueous SOM solution was acidified and precipitated by adding HCl, and
then the supernatant was discarded. The SOM precipitate was re-dissolved by adding of 0.1 M
KOH under N2 atmosphere, followed by another HCl acidification and precipitation. Then the
precipitate was treated with 0.1 M HCl/0.3 M HF solution to decrease ash. The obtained SOM
sample solutions/suspensions were then transferred to membrane dialysis tubes (Spectra Por ®,
Spectrum Chemical Mfg. Corp., USA) with an exclusion size of 6000 Dalton. Each tube was
closed by two clamps at the top and bottom of the tube and was submerged in deionized water
until negative reaction to AgNO3 solution was shown. Finally, samples were transferred to PVC
test tubes to freeze-dry.

The purified SOM from each aggregate fraction was characterized using an attenuated
total reflectance-Fourier transform infrared spectrometer (Nexus 670 ATR-FTIR, ThermoNicolet, USA). FTIR was performed in the range of 800-4000 wave number (cm-1) with
resolution of 2 cm-1. The number of scans for each sample was 64, and the scans were averaged
to obtain the spectrum. The intensity of each absorption band was measured as heights from the
baseline.
The assignment of functional groups was based on published literature (Table 7.2).
Specifically, the broad band around 3700-3200 cm-1 can be contributed to the overall O-H
stretching of cellulose and alcohols (Tatzber et al., 2007). The aliphatic C-H stretching peaks
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appeared at 2920 and 2850 cm-1 are consistent with aliphatic deformation peak at 1450 cm-1
(Tatzber er al., 2007; Ellerbrock and Kaiser, 2005; Peltre et al., 2017). The bands in the area
from 1700 to 1500 cm-1 are broad and exhibit shoulders in some samples due to overlapping
bands with close wavenumbers. The bands between 1690-1600 cm-1 are attributed to carbonyl
(C=O) stretching of protonated carboxylic acid (COOH) groups, ketones, aldehydes as well as
amide I (Tatzber er al., 2007; Artz et al., 2008; Tinti et al., 2015; Niemeyer et al. 1992; Cocozza
et al., 2003). The bands attributed to deprotonated carboxylic (COO-) groups was not likely
shown in these samples because the final step of SOM purification was under acidic environment
(pH < 1.0) in this study. The peak at 1570 cm-1 is mainly attributed to aromatic C=C stretching
although it could also include the contribution from N-H bending of amide II (Fultz et al., 2014;
Ascough et al., 2011; Peltre et al., 2017). The peak at 1390 cm-1 is assigned to phenol OH of
lignin whereas the band at 835 cm-1 is aromatic C-H out of plane deformation of lignin
(Ellerbrock and Kaiser, 2005; Peltre et al., 2017). Absorption bands from 1340 to 1000 cm-1 are
originated from various types of C-O stretching which could be contributed by labile C source
such as carbohydrate, ether, and ester compounds although the peak at 1340-1300 cm-1 could
also be attributed to C-N stretching of aromatic amines (Tatzber er al., 2007; Ellerbrock and
Kaiser, 2005).
7.2.4. Statistical Analyses
Treatment effects on aggregates weight fractions, MWD, SOC, TN were analyzed using
one-way ANOVA for samples collected at the same site, based on GLIMMIX procedure of the
SAS software (SAS Institute, Inc., Cary, NC). When ANOVA test was significant, individual
treatment effects were assessed by Tukey’s least significant difference (LSD) at an α < 0.05
level. Absorbance of FTIR spectra at wavenumbers: 2920, 2850, 1700, 1660, 1620, 1570, 1450,
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1390, 1115, 1080, 1030, 1000, 835 cm-1 were selected to perform principal component analysis
(PCA), because they associated with the typical chemistry functional groups as showed in Table
7.2. Principal component analysis of the intensities of FTIR absorbances were conducted by
using “prcomp” function in “ggplot2” package of R-studio software (Version 0.98.1028).

Table 7.2. Functional groups assigned to FTIR absorbance peaks and bands within mid-infrared
region (4000-800 cm-1)
Wavenumbers
(cm-1)
3700-3200
2920
2850
1690-1600
1570
1450
1400-1350
1340-1300
1280-1200
1140-1070
1080-1000
835

Assignment
O-H stretching of cellulose, phenol, and alcohol
Asymmetric aliphatic C-H stretching
Symmetric aliphatic C-H stretching
C=O stretching of carboxyls, ketones, aldehydes, amide (I);
C=N stretching;
C=C aromatic stretching; N-H bending of amide (II)
C-H aliphatic deformation
O-H bending of phenol (ligneous syringyl)
C-O stretching of ester; C-N of aromatic amine
C-O asymmetric stretching of phenolic compounds, OH
deformation of carboxylic acid
C-O of various alcohol types; C-O-C of alkyl ethers
C-O stretching and O-H deformation of polysaccharides
Aromatic C-H out-of-plane deformation of lignin

Reference*
1
2, 3
2, 3
1, 3, 4, 5, 6
7, 8, 9
1, 2, 9
2, 9
1, 2
4,7
2
2
2, 3, 10

* 1, Tatzber et al., (2007); 2. Ellerbrock and Kaiser, (2005); 3, Artz et al., (2008); 4, Tinti et al., (2015); 5, Niemeyer
et al. (1992); 6, Cocozza et al. (2003); 7, Fultz et al., (2014); 8, Ascough et al., (2011); 9, Peltre et al., (2017); 10,
Zaccheo et al., (2002)

7.3. Results
7.3.1. Soil Aggregates Stability
The MWD results in Table 7.3 provides a general idea of soil aggregate stability
dynamics 5 years after treatment establishment. MWD was generally higher at Archibald site
where was a previous pasture field than Colt where was row crops, suggesting the negative
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effects of historical row crops on soil stability. At both sites, CROP reduced soil aggregate
stability with the significantly lower MWD of 570 µm at Archibald and numerically lower MWD
of 423 µm at Colt, compared to the other two systems. On the other hand, CWOOD significantly
improved soil aggregates stability with the highest MWD of 843 µm at Archibald and 531 µm at
Colt. Comparing to CWOOD, MWD improvement in SWITCH was less significant, which was
784 µm at Archibald, and 492 µm at Colt.

Table 7.3. Mean weight diameter (MWD), soil organic carbon (SOC) and total nitrogen (TN)
content of whole intact soil samples. Letters indicate significance among treatments within one
site using Tukey’s LSD comparison (α < 0.05). (CROP: soybean sorghum rotation; SWITCH:
switchgrass; CWOOD: cottonwood)
Sites

Treatments

CROP
Archibald, LA SWITCH
CWOOD
CROP
SWITCH
Colt, AR
CWOOD

MWD
µm
570 c
784 b
843 a
423 b
492 b
531 a

SOC
TN
---------%--------1.57 a
0.194 a
1.30 b
0.168 b
1.41 a
0.189 a
0.90 b
0.123 b
0.92 b
0.126 b
1.04 a
0.144 a

A more detailed influence of changing agroecosystems on aggregate size distribution is
presented in Fig. 7.1. At the Archibald site, aggregates were dominated by macroaggregates
(250-2000 µm) in all treatments, which on average accounted for 53% of dry soil weight. After
switching from previous pasture, CROP shifted aggregate size distribution to smaller classes,
showing 63% less large macroaggregates (>2000 µm) and 26% less macroaggregates (250-2000
µm), but 60% more silt+clay (<53 µm) than the other two treatments. The difference in
microaggregates (53-250 µm) among treatments was minor (Fig. 7.1a). While at Colt site, with a
long history of row crops cultivation, aggregates were dominated by silt+clay in all treatments,
which on average accounted for 36% of dry soil weight. Proportion of large macroaggregates
was relatively small (5-8%) compared to other size classes. Along with large macroaggregates
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(>2000 µm), proportion of silt+clay (<53 µm) was not affected by agroecosystem at Colt. The
major effect of treatments was shown on macroaggregates and microaggregates. Macroaggregate
fraction was 24% higher in CWOOD than CROP, while microaggregates was 35% lower in
CWOOD and CROP (Fig. 7.1b).

CROP

(a) Archibald:

Aggregates fraction %

70

SWITCH

CWOOD

a
a

60
50

b
a

40
30

a

a a

20

a

b

a

b

b

10
0

>2000μm
(b)

250-2000μm
CROP

Colt:

53-250μm
SWITCH

<53μm
CWOOD

Aggregates fraction %

70
60

a

50

ab

40

b

30
20

a
a

a

a

ab b

a a a

10
0
>2000μm

250-2000μm

53-250μm

<53μm

Figure 7.1. Fraction of sand-free water stable aggregates from Archibald (a) and Colt (b) surface
(0-15 cm) soils. Letters above bars indicate significance among treatments using Tukey’s LSD
comparison (α < 0.05). Bars indicate standard errors among replicates. (CROP: soybean sorghum
rotation; SWITCH: switchgrass; CWOOD: cottonwood)
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CROP

Aggregates SOC %

(a) Archibald:
2.5
2.0

a

a
b

1.5

a a

b

SWITCH

CWOOD

a
a a

a
b

1.0

b

0.5
0.0

Aggregates SOC %

>2000μm
(b) Colt:
2.5

<53μm
CWOOD

a

2.0
1.5

250-2000μm
53-250μm
CROP
SWITCH

b

b

a
b b

1.0

a a a

a a a

0.5
0.0

Aggregates TN %

Aggregates TN %

>2000μm
(c) Archibald:
0.30
0.25
a
a
0.20
b
0.15
0.10
0.05
0.00
>2000μm
(d) Colt:
0.30
0.25
a
0.20
b
b
0.15
0.10
0.05
0.00
>2000μm

250-2000μm
CROP

53-250μm
SWITCH

a a b

a a a

250-2000μm 53-250μm
CROP
SWITCH

a

b b

250-2000μm

<53μm
CWOOD

b

a

b

<53μm
CWOOD

a a a

a a a

53-250μm

<53μm

Figure 7.2. Soil organic carbon (SOC) and total nitrogen (TN) content of sand-free water stable
aggregates from Archibald (a, c) and Colt (b, d) surface (0-15 cm) soils. Letters above bars
indicate significance among treatments using Tukey’s LSD comparison (α < 0.05). Bars indicate
standard errors among replicates. (CROP: soybean sorghum rotation; SWITCH: switchgrass;
CWOOD: cottonwood)
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7.3.2. Soil Aggregates SOC and TN
The SOC contents were significantly different among treatments and study sites (Table
7.2). Archibald soils had generally higher SOC than Colt, which also showed as higher SOC in
CROP at Archibald than Colt. CWOOD improved whole SOC at both sites, compared to
SWITCH. The variations of TN contents in whole soils had similar trends as SOC. The C:N ratio
of water stable aggregates was homogenous in all size classes from both study sites, thus
aggregates’ SOC and TN contents had similar variations among treatments (Fig. 7.2). The SOC
contents were generally higher in larger size than smaller size aggregate fractions, and SOC in
large macroaggregates agreed with results from whole soils. Variation of SOC among treatments
in microaggregates was negligible at both study sites. At Archibald, SWITCH had the lowest
SOC in large macroaggregates, while CWOOD had non-statistically different SOC contents than
CROP in all size classes (Fig. 7.2a and c). At Colt, CWOOD had improved SOC in large
macroaggregates, while CROP had elevated SOC in macroaggregates (Fig. 7.2b and d).
Treatments’ effect on SOC content at Colt was negligible in silt+clay fraction.

7.3.3. FTIR spectroscopy of purified SOM
Characterizing purified SOM eliminated the influence of soil minerals, and the FTIR
spectra which cover 4000 to 800 cm-1 range provided a semiquantitative overview of HAs’
functional groups. The two sites showed different changes in aggregate-associated SOM
characteristics since the history of land use was different prior to the establishment of this study
experiment (Figs. 7.3 and 7.4).

At Archibald, where the previous history was pasture and fields had never been used for
row crops production, the FTIR spectra of SOM were very similar among different aggregate
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fractions within SWITCH and CWOOD (Fig. 7.3). Differences between CWOOD and SWITCH
at Archibald site mainly showed as CWOOD had higher intensity at 1390 cm-1 in all aggregate
fractions than SWITCH, indicating more phenol moieties from lignin contents (Fig. 7.3).
Moreover, microaggregates from CWOOD showed more intense bands (1200 to 1000 cm-1) of
carbohydrates than SWITCH, while microaggregates from SWITCH showed more carbonyl
C=O (1660 to 1600 cm-1) intensity than CWOOD. The intensity ratio of carboxylates to
polysaccharides at 1600/1060 cm-1 (1600/1060) was higher for microaggregates from SWITCH
(1.48) than CWOOD (1.03) at Archibald, indicating the microaggregates underwent more
decomposition in SWITCH than CWOOD. For CROP that converted from pastureland at
Archibald, spectra of SOM of all aggregate sizes were distinctly different from those of
SWITCH or CWOOD. SOM in CROP was dominated with intensity of phenolic O-H at 1390
cm-1, whereas CWOOD and SWITCH were dominated with intensities of aromatic and carbonyl
groups at 1660-1570 cm-1.
At Colt, where all plots had historical crop production, SOM from SWITCH and
CWOOD showed similar FTIR spectra, and they were different from that observed at Archibald
(Fig. 7.4). FTIR spectra of SOM from microaggregates of CWOOD and SWITCH at Colt
behaved like CROP, which showed a broad C-O band (1400 to 1300 cm-1) with particularly high
intensity that can be contributed by phenolic, carboxylic, and ester compounds. Besides that, the
sharp peaks of at 1660, 1620, 1115, 1000, and 835 cm-1 in microaggregates also indicated large
presence of aromatic substance, carbonyl group, and carbohydrates in CWOOD and SWITCH at
Colt site. There was negligible difference in chemical compositions of macroaggregates and
microaggregates between CWOOD and SWITCH. The only notable difference between
CWOOD and SWITCH was in silt+clay, where CWOOD had more ester C-O band at 1315 cm-1
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and sign of aromatic compounds evident at 835 cm-1, and SWITCH had higher intensities at
1570 cm-1.
Consistent with CROP at Archibald, FTIR spectra of CROP at Colt showed high
intensities of carbonyl, aromatic (1660 to 1570 cm-1), and phenolic compounds (1390 cm-1) in
macroaggregates, as well as large presence of aromatic, phenolic compounds, carboxylic acids,
and carbohydrates in microaggregates (Fig. 7.4). However, silt+clay fraction of CROP at Colt
did show greater intensity of C=C of aromatic compounds evident at 1570 cm-1 relative to
phenolic OH at 1390 cm-1. SOM of silt+clay in CROP was similar to that of SWICH but
different from that of CWOOD.
A PCA was performed to evaluate relations between SOM chemical characteristics and
aggregate distributions of agroecosystems (Fig. 7.5). The two principal components (PC1 and
PC2) explained 76.65% and 16.86% of total variance. All eigenvectors associated with FTIR
absorbance are clustered on the right side of PC1 axis. In general, lands had historical (Colt site)
or current row crops (CROP treatments) located on the right side of PC1 and correlated with
relatively high intensity at 1390, 1030, 1115, 1080, 1620, 1660, and 1700 cm-1, associating with
phenolic compounds, polysaccharides, alkyl ethers, carbonyl moieties of carboxylate or amide
groups. Increasing of these intensities in row crops were primarily reflected in macroaggregates
and microaggregates, which were differentiated from silt+clay fraction in the biplot of PCA. All
aggregate fractions from Archibald site’s SWITCH and CWOOD were similar and grouped on
the negative side of PC1 and PC2. Macroaggregate and microaggregate of CWOOD were closer
to the eigenvectors of aliphatic compounds (1450, 2920, 2850 cm-1) and aromatic compounds
(1570 cm-1). PCA result showed SOC component was more affected by different agroecosystems
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and land use history, and there is no overall preference for accumulated SOC components in any
aggregate fraction.
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Figure 7.3. FTIR spectra of soil organic matter purified from soil aggregates at Archibald site
under CROP, SWITCH, CWOOD treatments.
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Figure 7.4. FTIR spectra of soil organic matter purified from soil aggregates at Colt site under
CROP, SWITCH, CWOOD treatments
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Figure 7.5. Biplot of principal component analysis for FTIR absorbance intensity at selected
wavenumbers (cm-1) from soil aggregate samples. Eigenvectors are wavenumbers (cm-1) that
associate with specific chemical functional groups.

7.4. Discussion
7.4.1. Significance of biofuel Cottonwood agroecosystem on soil aggregate stability and
aggregates–associated SOC
This study focused on land use change effects towards same biofuel biomass production
systems on soil aggregate stability and organic chemistry from two sites of similar soil textures
but different previous cropping histories: pasture and traditional row cropping system. At
Archibald site, where land use change was from previously pasture to CWOOD, SWITCH,
CROP, whereas at Colt site, it was from traditional agricultural row crop production to the same
three systems. For both sites, the land use change to CWOOD significantly improved aggregate
stability with the highest MWD values followed by SWITCH then CROP, regardless of different
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trend in SOC content. FTIR analysis of SOM within different aggregate fractions revealed the
vegetation effect on SOC dynamics and potential for formation of soil aggregates.
At Archibald, which had inherited high SOM due to previous pasture the positive effect
of CWOOD on improving soil aggregates stability could be due to the change of SOC, especially
in microaggregates, which led to the abundance of macroaggregates. While vegetation type did
not influence the SOC concentration in microaggregates compared to SWITCH, it significantly
changed the chemical composition. Along with a higher FTIR peak 1600/1060 cm-1 ratio, less
oxidized carbonyl and more carbohydrates moieties indicated that microaggregates in CWOOD
contained a greater proportion of crop-derived labile C, while microaggregates in SWITCH had a
larger proportion of recalcitrant C likely after undergoing more oxidization (Kinyangi et al.,
2006; Yu et al., 2015; Artz et al., 2006). Because incorporation of crop-derived labile C is an
important factor of contributing C sequestration and macroaggregates formation (Skjemstad et
al., 1990), our result that microaggregates had recalcitrant SOC in SWITCH is consistent with
fewer proportion of macroaggregates and lower bulk SOC. According to Six et al. (2000), older
SOC and less accumulation of crop-derived C in free microaggregates is generally associated
with a faster turnover rate of macroaggregates, and the increased macroaggregate turnover is a
primary mechanism causing decreases of soil C. Thus, our results suggest that higher turnover
rate of macroaggregates could be the reason of smaller MWD in SWITCH.
Several mechanisms could be used to explain higher macroaggregates turnover rates in
SWITCH compared to CWOOD. Firstly, SOM decomposition rate could be higher in SWITCH,
causing rapid oxidation of fresh crop-derived C before incorporating into microaggregates to
serve as binding agents. Multiple studies have observed that non-woody perennial grasses with
high root density exhibit long-lasting rhizosphere priming effects, which dramatically accelerates
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SOM decomposition and decrease soil aggregate stability (Lu et al., 2019; Reid and Goss, 1982;
Dijkstra et al., 2009; Shahzad et al., 2012). Growing fibrous roots with microbial activation at
rhizosphere was found not only to prevent the SOC sequestrating into microaggregates, but also
to physically break macroaggregates (Lu et al., 2019; Six et al., 2000; Reid and Goss, 1982).
This hypothesis is consistent with our previous study that reported increasing mineralization of
organic C and N in SWITCH (Blazier et al., 2015). Secondly, residue component of cottonwood
biomass could be more morphologically resistant to mineralization and had positive effect on C
stabilization into aggregates. Our FTIR results showed that higher intensity of phenolic
compound in CWOOD is consistent with other studies in which cottonwood was found to
contain ~10% more lignin than switchgrass based on acid hydrolysis extraction of plant biomass
(Shafizadeh and McGinnis, 1971; Yang et al., 2007; Hu et al., 2010; Elbersen et al., 2017.) The
lignocellulosic materials produced by CWOOD forms a relatively stable component of SOM and
was considered as a factor leading to stabilization of SOC into humic substances in grassland
ecosystems (Kögel-Knabner 2002; Dijkstra et al., 2004; Krull et al., 2003). Aggregates with a
greater proportion of lignocellulosic in CWOOD may had a longer turnover rate than in
SWITCH. Lastly, SWITCH was harvested annually, while CWOOD was not harvested since
initiating the treatment. Higher frequent management in the field may disturb soil stability thus
physically destroy soil macroaggregates (Aust et al., 1995; Chen et al., 2014; Zummo et al.,
2011; Zenner et al., 2007).
7.4.2. Persistence effect of row crops on soil aggregate stability
The CROP treatments had the lowest aggregate stability and MWD at both experimental
sites. Land use change to SWITCH and CWOOD from previous row crops at Colt site resulted in
clear increase of macroaggregates (250-2000 μm). This improvement could be due to the
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conversion of conventional tilled system of CROP to no-tilled systems. Increasing MWD and
macroaggregate fraction upon the change in this study agrees with other studies who reported notill increased macroaggregate fractions of soil surface layer under various crop systems (Hontoria
et al., 2016; Mikha and Rice, 2004; Zhang et al., 2013; Sheehy et al., 2015). However,
comparing MWD of SWITCH and CWOOD between Archibald and Colt sites with similar soil
texture (silt loam), it was obvious that Colt site’s MWD was generally smaller. Although no-till
CWOOD and SWITCH at Colt site had positive effects on aggregate stability, but it was
nowhere near the full recovery of aggregate MWD in a 5-year no-till practice. Studies have
shown that long-term no-till for more than 10 to 20 years had significantly larger fractions of
macroaggregates and SOC content than short-term no-till for less than 7 years (Grandy and
Robertson, 2006; Sithole et al., 2019; Sekaran et al., 2021). Our results suggest that no-till
practice needs to be maintained continuously for the purpose of stabilizing soil aggregates and
sequestrating SOC even with production of large root masses of CWOOD and SWITCH. On the
other hand, although CROP had the lowest aggregate stability and MWD, it is interesting to note
that CROP treatment at Archibald showed the highest bulk SOC content among the three
agroecosystems, which was different from Colt site where CROP had lower SOC. This was
likely due to harvesting difference between the two sites. Grains of soybean or sorghum at Colt
was removed by using a harvester, while CROP at Archibald was cut by using a rotary mower
which left large amounts of crop residue in the field at Archibald (Blazier et al., 2015).
Nonetheless, the result demonstrated that even with overall higher bulk SOC and more crop
residue return, CROP still could not maintain large macroaggregates, emphasizing the
importance of agroecosystem difference in influencing aggregate stability.
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The long-lasting history effect of row crops at Colt site was also reflected in PCA (Fig.
7.5), which showed similar FTIR spectra among CWOOD, SWITCH and CROP, especially in
microaggregates. SOM characteristics of microaggregates under CROP were dominated by
aromatic, phenolic, and carboxylic components, which very likely originated from phenolic acids
produced by sorghum in the crop rotations. Phenolic acids such as vanillic acid, 4hydroxybenzoic acid, and 4-coumaric acids were commonly existed in the grains and residuals of
sorghum (Chiremba et al., 2012; Dykes and Rooney, 2006), and high concentration of phenolic
acids were found in soils after previous sorghum rows (Guenzi et al., 1967; Sène et al., 2000).
Phenolic acids are considered precursors of humic acids and extremely important to aggregate
stabilization (Liu et al., 2021). Positive effect of phenolic acids on SOC stabilization and soil
aggregates formation has been demonstrated in several incubation studies with periods of 9 to 90
days (Yoshikawa et al., 2018; Tang et al., 2011; Martens, 2000 and 2002). However, CROP with
recognizable phenolic acids components had significantly less MWD than other treatments,
which further suggests negative effects of tillage overrode the positive effects of crop-derived
SOM on aggregates stability. Not only phenolic acids, but polysaccharides and aliphatic moieties
also positively related to the size of aggregates (Matějková and Šimon, 2012; Martins et al.,
2009). Nonetheless, more polysaccharides and aliphatic moieties in CROP did not improve soil
aggregates stability under tillage, which facilitate degradation.
7.5. Conclusions
This study investigated land use change effects towards the same biofuel biomass
production systems (CROP: soybean sorghum rotation, SWITCH: switchgrass, CWOOD:
cottonwood) on soil aggregate stability and organic chemistry from two sites of similar soil
textures but different cropping histories. It compared soil aggregates distribution and the SOM
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characteristics within aggregate fractions in the three agroecosystems. Overall, CWOOD had a
more positive effect than SWITCH on soil aggregates and C sequestration. FTIR spectra results
found that microaggregates from SWITCH contains more oxidized and recalcitrant SOC, which
suggested a faster turnover rate of macroaggregates as compared to CWOOD. On the other hand,
although CROP had high intensity of phenolic acids, polysaccharides and aliphatic moieties
which are positively related to aggregate formation, the improvement of aggregate stability did
not show up under CROP because of the strong negative effects of tillage. Our results suggest
while previous cropping systems could have long-lasting effects, the land use change toward
CWOOD generally had positive impacts on aggregate stability by increasing the formation of
macroaggregates and aggregated associated OC for sequestration.
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CHAPTER 8. GENERAL CONCLUSIONS
Pasture systems demand large amounts of nitrogen (N) fertilizer for hay production, but
the use efficiency (NUE) of N fertilizer in the southeastern subtropical region is generally low
due to large N losses under humid and warm climates. To alleviate the shortage of N in pasture
systems, legume fixed N and poultry litter N were substituted for mineral N fertilizer, and their
effects on N loss in Louisiana pasture systems were evaluated. In field and laboratory studies, N
stabilizers were added along with different types of N fertilizers to test their potentials of
reducing N loss through gas emission and runoff/leaching water. To achieve the sustainable
production goal in pasture systems, soil health parameters of aggregates stability and microbial
community structure were assessed for management practices in pastures, including use of N
stabilizers, with or without tillage, and change of vegetation species. In addition, to understand
the mechanism of how a specific agroecosystem influences soil aggregate stability, the
characteristics of soil organic C from different aggregates size classes were characterized.

The two-year field study of nitrification inhibitors demonstrated that dicyandiamide
(DCD) and 3,4-dimethyl pyrazole phosphate (DMPP) successfully reduced environmental N loss
with urea application in subtropical bermudagrass pasture. Cumulative nitrous oxide (N2O)
emission was reduced by 76% with DCD addition and 67% with DMPP addition, respectively.
Both inhibitors significantly reduced nitrate concentrations in runoff and leachate. However,
nitrification inhibitors did not significantly affect bermudagrass yields, which could be due to the
small magnitude of N loss compared to plant N uptake. Total soil microbial biomass was
increased by DCD and DMPP, without shifting of microbial community.
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A separate laboratory incubation study showed that urease inhibitor N-(n-butyl)
thiophosphoric triamide (NBPT) did not reduce ammonia (NH3) or N2O emissions from poultry
litter amended pasture soil. While the combining use of NBPT and DCD significantly reduced
N2O emission from poultry litter, but the NH3 emission was increased by the double inhibitors
comparing to NBPT alone. The results suggest NBPT and DCD have very limited effects on N
loss from animal wastes like poultry litter, which can already contain a significant amount of
ammoniacal N.

Another two-year field experiment demonstrated that partial substitution by white clover
grown as a winter cover crop for half of full mineral N rate application did not compromise the
yield of warm-season bermudagrass. With similar total N input and grass yield output, clover
bio-fixed N had comparable N2O emission than urea N. White clover also showed greater N loss
through leaching, but less N loss through runoff water. The incubation experiment showed that
clover induced N2O emission could be reduced by nitrification inhibitors DCD and DMPP, but
not by urease inhibitor NBPT.
Tillage practice had negative effect on soil macroaggregate formation, soil organic
carbon (SOC) content and the abundance of fungi. Growing white clover with cool-season
ryegrass increased soil aggregate stability, SOC, and total microbial biomass. Multispecies
warm-season forage stimulated soil microbial activity but had less macroaggregates than
monocultural bermudagrass.
Further, soil aggregates distribution and SOC characteristics within each aggregate size
class were evaluated in three agroecosystems in two different locations of similar texture but
different previous cropping history to understand the mechanisms of aggregate formation and the
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impact of agroecosystem change. Compared to row crops under tillage, both no-till cottonwood
and switchgrass systems had positive effects on aggregates stability and SOC sequestration. The
improvement of aggregation in cottonwood was greater than switchgrass, evidenced by less
oxidized SOC in microaggregates of cottonwood than that of switchgrass, which indicates a less
stable environment and a faster turnover rate of macroaggregates in the latter. On the other hand,
soil aggregates stability was significantly affected by the persistence of long-term conventional
tilled row crops of previous history.
Overall, the results of this study suggest nitrification inhibitors could be used as an
effective mitigation strategy for N2O emission in subtropical pasture system with urea, poultry
litter, and legume bio-fixed N. Multi-species forage system with legume species can reduce the
demand of mineral N fertilizer and improve soil health under no-till. In addition, the land use
change towards biofuel biomass production with cottonwood improves soil aggregate stability
and C sequestration.
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APPENDIX A: SUPPLEMENTARY MATERIALS OF CHAPTER 3
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Figure A.1. Precipitation and daily maximum air temperature during growth season of 2016 (a)
and 2017 (b). Arrows indicates the date of N fertilization. (Data obtained from National Weather
Service Forecast Office)
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Table A.1. Interpretation of PLFA (phosphorus lipid fatty acid) biomarkers
Lipid marker
i15:0, a 15:0, i16:0, a17:0, i17:0
16:1 ω7c, 18:1 ω7c, cy17:0 ω7c,
cy19:0 ω7c
16:1 ω7c, 18:1 ω7c
10Me 16:0, 10Me 17:0, 10Me
18:0, 10Me 20:0,10Me 17:1ω7
18:1ω9c. 18:2ω6c, 18:3ω6c,
18:3ω3c
16:1 ω5c
20:4ω6
16:1ω7 DMA, 18:0 DMA,18:2
DMA

Interpretation
Gram-positive
bacteria
Gram-negative
bacteria
typical
Nitrosomonas,
Nitrococcus
Actinomycetes
Common Fungi
Arbuscular
mycorrhizal
fungi
Protozoa
Anaerobes

References
Velasco et al. (2010)
Zelles et al. (1992)
Petersen et al. (2004b)
Zogg et al. (1997); Frostegård et al.
(1993)
Frostegård et al. (1993); Madan et al.
(2002)
Ngosong et al. (2010)
Pennanen et al. (1996)
Zelles (1999); Frostegård et al. (1991)

PLFA nomenclature: The number before the colon refers to the total number of carbon atoms; the number
following the colon refers to the number of double bonds. The number after the “ω” refers to the location of the
double bounds. Notation “i” and “a” refer to iso- and anteiso-branched fatty acids, respectively. Notation “cy” refers
to cyclopropane group. Notation “Me” refers to methyl group; the number before “Me” refers to the location of
methyl group. “DMA” refers to dimethyl acetal group. “C” and “t” indicate “Cis” and “trans” geometry,
respectively.

Table A.2. Biomass yield (kg ha-1) and N use efficiency (%) of different
treatments from two-year field experiment
Two-year
2016
2017
Treatments
average
Yield NUE
Yield
NUE
Yield NUE
Control
4600b*
4853b
4726b
Urea
10129a 43.2a
11179a 46.6a
10654a 44.9a
Urea DCD
10693a 43.3a
12143a 54.7a
11418a 49.0a
Urea
9164a
30.3a
11576a 47.8a
10370a 39.1a
DMPP
* Letter designations indicate significance in the column using Tukey’s LSD comparison (α
< 0.05)
- NUE was not applicable for control treatment
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Figure B.1. Precipitation and daily mean air temperature during growth season of 2017 (a) and
2018 (b). Arrows indicates the date of N fertilization. (Data obtained from National Weather
Service Forecast Office)
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Figure B.2. Concentrations of NH4+ (a) and NO3- (b) of top layer soil at depth 0-15cm in 2018.
Bars indicate standard errors among treatments.

Table B.1. Cumulative volume of runoff water after the 1st and 2nd fertilization event in 2017 and
2018
2017-1
Treatments
CLT
WC
WCR
WC112N
224N

2017-2

Sum of
2017

2018-1

2018-2

Sum of
2018

----------------------------- L m-2---------------------------341.1
258.8
147.8
193.3
203.8
55.0
159.9
123.1
70.6
89.3
99.3
23.8
151.0
108
71.5
79.5
70.0
38
198.6
75.6
97.3
101.3
52.25
23.3
221.1
206.8
138.8
82.3
179.0
27.8
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